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ABSTRACT  
   
The distinguishing feature of the filamentous fungi is the hyphae - tube-like 
microscopic cells that exhibit polarized growth via apical extension and allow the fungus 
to interact with its environment.  Fungi elongate at the hyphal apex, through the localized 
construction of new plasma membrane and cell wall through the exocytosis of secretory 
vesicles.  One population of these vesicles have been identified as chitosomes, containing 
chitin synthase isoenzymes, which are responsible for the polymerization of N-
acetylglucosamine from UDP N-acetylglucosamine into chitin, the primary fibrillar 
component of the fungal cell wall.  The chitosomes, in addition to other vesicles, can be 
observed aggregating in the hyphal tip in most filamentous fungi.  In the Ascomycota and 
Basidiomycota, this collection of vesicles exhibits discrete organization and has been 
termed a Spitzenkörper.  Although accumulations of vesicles can be observed in the 
hyphal tip of many growing filamentous fungi, some debate continues as to what 
precisely defines a Spitzenkörper.  This study reports the details of three separate 
projects: first, to document the effects of deleting a single chitin synthase, CHS-1 and 
CHS-6 in Neurospora crassa with regards to hyphal ultrastructure, cytoplasmic 
organization, and growth in comparison to the wild-type.  Given the importance of chitin 
synthesis in fungal cell growth, deletion of a critical chitin synthase presumably impacts 
cell wall structure, fungal growth and cytoplasmic organization.  Second, an examination 
of the ultrastructure of four zygomycetous fungi - Coemansia reversa, Mortierella 
verticillata, Mucor indicus, and Gilbertella persicaria has been conducted.  Utilization of 
cryofixation and freeze-substitution techniques for electron microscopy has produced 
improved preservation of cytoplasmic ultrastructure, particularly at the hyphal apex, 
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allowing detailed analysis of vesicle size, contents, and organization.  Lastly, hyphal tip 
organization was reviewed in a broad range of fungi.  Previous studies had either focused 
on a few select fungi or representative groups.  Vesicle organization, composition and 
size do appear to vary among the classes of fungi, but some trends, like the vesicle 
crescent in the zygomycetous fungi have been documented. 
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CHAPTER 1 
DESCRIPTION OF RESEARCH 
General Introduction 
To define the Fungi (Kingdom Mycota) is difficult.  As we expand our 
knowledge, the more difficult it becomes to delimit any particular group because of their 
wide ranges of characteristics.  Fungi are the agents responsible for much of the 
disintegration of organic matter as well as being (1) destroyers of foodstuffs and fabrics; 
(2) the causal agents of most know plant diseases and many animal diseases; (3) basic to 
many industrial processes involved in fermentation such as soy products, wine and beers, 
and (4) responsible for the synthesis of important organic compounds such antibiotics and 
organic acids (Alexopoulos et al., 1996; Taylor, 2006; Esser, 2009; Deacon, 2009; 
Dighton et al., 2010).  One of the most concise definitions of these organisms comes 
from Alexopoulos et al. (1996):  “eukaryotic, spore-producing, achlorophyllous 
organisms with absorptive nutrition that generally reproduce both sexually and asexually 
and whose usually filamentous, branched somatic structures (i.e., hyphae) typically are 
surrounded by a chitinous cell wall.”  Interestingly, it is generally accepted that the 
Fungi, even today, likely represent a polyphyletic group of organisms (Hibbett et al., 
2007; James et al., 2006; Liu et al., 2006), which provides an incentive for researchers to 
better articulate fungal phylogeny. 
The characterizing feature of the filamentous fungi is the hypha – tube-like 
microscopic cells that exhibit polarized growth via apical extension (Harris and Momany, 
2004; Roberson et al., 2010).  Hyphal growth allows the fungus to interact with its 
environment through nutrient assimilation, colonization of substrates, and secretion of 
enzymes, in addition to responding to environmental changes through alterations in 
morphology (Wessels, 1986; Gow, 1989; Heath, 1990; Lew, 2011; Lichius et al., 2011; 
Riquelme et al., 2011).  Hyphae may also function as gametes in sexual reproduction 
through cellular differentiation.  Cell wall synthesis, plasma membrane growth, polarized 
vesicle transport, and movement of the organelles and cytoplasm must all be coordinated 
for hyphal growth and cell differentiation (Virag and Harris, 2006; Steinberg 2007; 
Roberson et al., 2010).  This phenomenon of apical growth is not restricted to the fungi 
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and examples can be found throughout the eukaryotes ([e.g., pollen tubes and root hairs 
of higher plants, rhyzoids of algae (Steer and Steer, 1989; Tiezzi, 1991; Kiss, 2000; 
Braun and Limbach, 2006), neurons of animals (Bray, 1970; Aletta and Greene, 1988; de 
Anda and Tsai, 2011; Caceres et al., 2012)] and in prokaryotes as well [e.g., filamentous 
bacteria (Prosser, 1990; Charrier et al., 2012; Flardh et al., 2010, 2012)].   
The most obvious example of cytoplasmic polarity found in the majority of 
hyphae is the aggregation of secretory vesicles within the apical cytoplasm of growing 
cells and the alignment of many organelles and cytoskeletal elements along the axis of 
growth.  While the hyphal cytoplasm contains many components found in other 
eukaryotic organisms, most hyphae possess certain unique organelles and inclusions, e.g., 
Spitzenkörper and Golgi cisternae.   
 
Bioimaging Studies 
Our knowledge of hyphal structure has come from decades of intense bioimaging 
studies.  In the early part of the 20th century, light microscopy (LM) studies by Brunswik 
(1924) identified a dark body in the hyphal tip of Coprinus cinerea (Basidiomycota), 
which he named the ‘Spitzenkörper’ (= apical body)(Spk).  In 1957, Girbardt described 
cytoplasmic organization and behavior in living hyphae of Trametes versicolor 
(Basidiomycota) using phase-contrast LM (Girbardt, 1957).  This work was correlated 
with other ultrastructural studies using transmission electron microscopy (TEM) and 
three-dimensional reconstruction methods (Hawker, 1965; Bracker, 1967; Girbardt, 
1969) providing an unparalleled assessment of the complexity of hyphal structure.  A few 
years later, Grove and Bracker (1970) used LM and TEM to make a significant advance 
in understanding hyphal cytoplasmic organization among a broad range of fungi, 
including species from each of the established fungal phyla of that time: Basidiomycota, 
Ascomycota, Zygomycota, Chytridiomycota and Oomycota.  Some of these naming 
conventions, and more importantly, the classification of the fungi have since been revised 
multiple times based on additional morphological studies, biochemical assessment, and 
genetic analysis.  Some groups of organisms, like the Oomycota, are no longer placed in 
the Mycota and, in fact, currently reside in the kingdom Stramenopila (Patterson and 
Sogin, 1992).  In addition, both the Zygomycota and the Chytridiomycota have 
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undergone some revisions – the Zygomycota are now termed the zygomycetous fungi and 
consist of two clades – the EKZ clade which includes the Entomophthoromycota, 
Kickxellomycotina and Zoopagomycotina; and the MMG clade which includes the 
Mucoromycotina, Mortierellomycotina and Glomeromycota.  The phyla Chytridiomycota 
is still retained, but two previous orders within the Chytridiomycota are now elevated to 
phyla – the Blastocladiomycota and the Neocallimastigomycota (Hibbett et al., 2007).  
Grove and Bracker (1970) concluded that the ascomycetous and basidiomycetous hyphae 
all contained Spk.  There was some debate as to whether a Spk was observed in 
representatives of the zygomycetous fungi, but Grove and Bracker (1970) concluded that 
the zygomycetous fungi lacked a Spk because the distinct organization of Spk vesicles of 
the ascomycete and basidiomycete fungi was not present in zygomycetous fungal hyphae.  
The generally accepted characteristics of a Spk include (1) consisting of a single spheroid 
mass of vesicles, (2) appearing dark with positive phase contrast optics, (3) lacking 
distinct boundaries, (4) appearing in the apex of a growing hypha with few other 
organelles present, (5) consisting of apical vesicles, microvesicles, microtubules, 
microfilaments, and sometimes ribosomes, (6) exhibiting polarity in form and 
organization (Girbardt, 1957, 1969; McClure et al., 1968; Grove and Bracker, 1970; 
Grove,1978; Howard and Aist, 1978; Howard, 1981; Roberson and Fuller, 1988; Lopez-
Franco and Bracker, 1996).  Instead vesicles observed in the zygomycetous fungi were 
arranged in a thin crescent at the hyphal apex, lacking the degree of organization 
observed in the ascomycetous and basidiomycetous fungi.  The use of TEM for structural 
studies was strengthened in the late 1970s with the application of cryo-methods for fixing 
and processing cells (Howard and Aist, 1979).  When successful, ultra-fast freezing and 
sub-zero degree dehydration significantly improves the sub-cellular preservation of many 
cell types compared to traditional (i.e., chemical) preparation protocols.  As more 
researchers took advantage of these improvements, knowledge of fungal cellular structure 
grew rapidly (e.g., Howard, 1981; Roberson and Fuller, 1988; Vargas et al., 1993).  A 
recent advancement in ultrastructural research has been the application of electron 
tomography for high-resolution and three-dimensional analysis of internal cellular 
structures (Müller et al., 2000; Hohmann-Marriott et al., 2006).  
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By the mid-1980s, bioimaging studies approached a new benchmark once again 
with the development of new tools for LM and live-cell imaging.  Digital LM has 
allowed the amplification of faint fluorescence signals, enabling studies of fluorescently 
labeled cells under minimal light conditions and the ability to enhance extremely low 
contrast images produced by minute cellular structures, so their movement and activity 
may be documented, particularly over extended periods of time (Shotton, 1988; Ashford 
and Allaway, 2007; Bowman et al., 2009; Berepiki et al., 2010).  Laser scanning confocal 
microscopy imaging of the vital endocytic dye FM4-64 also provided another approach to 
examining the composition of the Spk and the behavior of the vesicles within it, since 
FM4-64 stains these vesicles, allowing one to trace their pathway from sub-apical regions 
to the Spk to the cell membrane in living cells in multiple Z-planes.  These individual 
slices can then be digitally assembled to form a multi-stack, three-dimensional view, 
documenting Spk behavior in both wild-type and mutant strains over a fairly substantial 
time course (Fischer-Parton et al., 2000; Hickey et al., 2005; Crampin et al., 2005; 
Higuchi et al., 2009; Villena et al., 2010; Sudberry, 2011).  Using high-resolution 
cameras, computer technology, and fluorescently conjugated molecular probes, the 
potential for studying many structural components in space and time has become possible 
(Spellig et al., 1996; Suelmann et al., 1997; Freitag et al., 2004; Mouriño-Pérez et al., 
2006; Uchida et al., 2008; Taheri-Talesh et al., 2008; Hickey and Read, 2009; Nair et al., 
2011). 
 
The Cell Wall, Chitin Synthases and Chitosomes 
The primary fibrillar component of the fungal cell wall is chitin; a linear polymer 
of ß-1,4-N-acetylglucosamine (Ruiz-Herrera, 1992).  In yeast such as Saccharomyces 
cerevisiae, chitin comprises 1 to 2% of the fungal cell wall; however, in the filamentous 
fungi chitin content ranges between 10 and 20% (Martin-Urdiroz et al., 2008).  While 
chitin comprises a relatively small percentage of the fungal cell wall, it plays a critical 
role in maintaining the shape and strength of the cell.  The polymerization of N-
acetylglucosamine from UDP N-acetylglucosamine into chitin, which is present as long 
microfibrils, is dependent upon the regulation of distinct chitin synthase (CHS) 
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isoenzymes, which are membrane-bound ß-glycosyltransferases.  These CHS, which 
catalyze microfibril synthesis, appear to be organized into complexes along the cell 
surface, and dependent upon species, multiple CHS may be present.  
While the CHS enzyme was first described in the late 1950s, the corresponding 
gene was documented in S. cerevisiae in 1986 (Cabib et al., 1996).  Prior to genomic 
sequencing of fungi, CHS genes were identified by either by resistance to calcofluor 
white (a drug interacting directly with chitin and causing cell death) or selection of 
mutants lacking chitin synthesis in vivo, from which the corresponding gene could be 
isolated.  Initial comparison of the chs1 and chs2 gene of S. cerevisiae and the chs1 gene 
of Candida albicans exposed two regions of total amino acid conservation, and were used 
to generate PCR primers.  Homologous fragments from 14 fungal species were then 
sequenced and aligned, revealing three potential classes of chitin synthase genes.  The 
chs genes were theorized to represent three separate functional groups (Bowen et al., 
1992).  This set was amended to include chs3 of S. cerevisiae and C. albicans and their 
homologs in other fungi.  Currently, CHS genes can be identified using similarity 
searches using conserved amino acid domains found in all CHSs described. In general, 
CHS enzymes have few similarities with other proteins.  Protein homology search with 
CHS proteins will only yield significant results with other CHS proteins (Ruiz-Herrera et 
al., 2002).   
At the present time, seven classes of CHS (I-VII) have been identified, and 
organized within three divisions based on their characteristic amino acid sequences 
(Choquer et al., 2004; Mandel et al., 2006).  All fungal CHS contain pfam0342, a 
conserved catalytic subdomain, and the pentapeptide characteristic signature motif 
Q(R/G)RRW.  Additionally, fungal CHS contain two additional motifs of unknown 
function: QXXEY and L(A/G)EDRXL (Choquer et al., 2004).  These seven classes of 
CHS have been grouped into three divisions.  Classes 1, II, and III, the members of 
division I, all containing a common protein organization composed of the catalytic 
domain surrounded by an hydrophillic N-terminus region and a hydrophobic C-terminus 
region, and there is clear delineation of these three CHS classes.  In division I, class I and 
II proteins are present in both yeast and filamentous fungi, but class III is found only in 
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the filamentous fungi (Roncero, 2002).  Class III enzymes also possess several other 
class-specific motifs, suggesting that this class may have evolved at a later period (Ruiz-
Herrera et al., 2002).   
Classes IV, V, and VII, which belong to division 2 display a unique modular 
system with the same catalytic domain preceded by a cytochrome b5-like domain and in 
addition to a myosin head-like domain observed for classes V and VII (Choquer et al., 
2004).  Although both CHS class V and class VII were initially classified as Class V this 
grouping was subsequently split into two based on differences in the myosin chain 
domains (Martin-Urdiroz et al., 2008).   
Class VI was established based on the sequences of A. fumigatus and A. oryzae 
(Roncero, 2002). The class VI CHS was originally considered a subset of class VII and 
placed within division 2, but further analysis revealed that this class did not have any of 
the characteristics defining either division 1 or 2, CHS class VI was placed within its own 
division, division 3.  Members of CHS class VI contain the simplest domain structure and 
possibly represent the ancestral state for CHS (Choquer et al., 2004; Mandel et al., 2006). 
With the identification and classification of CHS in a growing number of fungi, 
the focus has shifted from identification of these CHS to determination of their function.  
This CHS expression may be specific for a particular stage of the lifecycle or dependent 
upon growth conditions.  Analysis of CHS expression in Puccinia graminis revealed that 
chsIIIa and chsIIIb are transcriptionally regulated depending on cell type (Broeker et al., 
2006), in contrast to Coccidioides posadasii, whose chs genes demonstrate no stage-
dependent expression, but instead exhibit varying expression levels during 
morphogenesis and under varying growth conditions (Mandel et al., 2006).  Similarly, in 
Aspergillus nidulans, expression of chsE, a class IV CHS varies in expression according 
to growth conditions and stage in the life-cycle.   
The majority of CHS activity has been examined and documented in the yeasts 
due to the small number of CHS genes and ease of genetic manipulation.  In yeasts such 
as S. cerevisiae, CHS activity is critical for synthesizing chitin needed for budding, 
cytokinesis, and maintaining cell wall integrity. In the filamentous fungi, CHSs 
homologous to those in the yeasts for synthesizing chitin and maintaining cell wall 
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integrity have been documented, with the additional class III and class V enzymes that 
have evolved from their yeast homologues with their specific roles in maintaining cell 
wall integrity and possibly intracellular transport.  Class VII, in addition to class V CHS, 
are of particular interest because they contain a myosin motor-like domain that may have 
direct or indirect implications for fungal pathogenicity (Martin-Urdiroz et al., 2008).   
In contrast to Saccharomyces cerevisiae which has three CHS isoenzymes (class 
I, II and IV) and Schizosaccharomyces pombe, which has two (class I and II), filamentous 
fungi have multiple CHS isoenzymes – Neurospora crassa, C. posadasii, and Fusarium 
oxysporum all have one identified CHS in each of the classes.  The zygomycetes 
Phycomyces blakesleeanus and Benjaminella poitrasii each contains 8-10 CHS, while the 
plant pathogens Ustilago maydis and Botrytis cinerea each possess at least 6 identified 
CHS.  The questions that remain, however, include whether all CHS genes identified in a 
particular fungus actively play a role in cellular processes, what that specific process is, 
and how critical is the CHS, particularly in those fungi with large numbers of CHS, or 
multiple CHS in a particular class.  As previously noted, expression studies have 
provided some insight into CHS expression during lifecycle stages and under specific 
growth condition, while gene knock-out studies, primarily in pathogenic fungi, have 
begun to examine the role specific CHS play in hyphal growth.  Given that multiple 
CHSs may be found at the same cellular location, suggests a possible redundancy of 
function, and makes it difficult to determine the significance of a particular CHS.  For 
example, the CHS of Aspergillus fumigatus, perhaps one of the most notorious of 
opportunistic human pathogens, have been the subject of multiple studies with regard to 
potential drug targets.  In A. fumigatus, chitin is one of three polysaccharide components 
of the cell wall and the fungus possesses at least seven different CHS genes (chsA-G), 
however, disruption of only chsE (class V CHS gene) and chsG (class III CHS gene) 
genes produce altered morphology, observed at the macroscopic level. 
Strains lacking chsE have reduced levels of chitin in the mycelium, swellings 
along the length of the hyphae and reduced conidiation (Aufauvre-Brown et. al, 1997), 
while mutants lacking the chsG gene displayed reduced chitin synthetase activity, 
reduced radial growth and highly branched hyphae (Mellado et al., 1996).  Double 
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mutants, (chsE-/chsG-) contained characteristics of both mutations (Mellado et al., 2003), 
and a similar study, utilizing chsC/chsG mutants also demonstrated comparable results – 
reduced chitin synthase rates, less radial growth, highly branched hyphae and poor 
conidiation (Mellado et al., 1996).   
Studies of several fungi, such as N. crassa, M. rouxii, Colletotrichum graminicola 
and Schizophyllum commune have documented the localization of one or more CHSs at 
the hyphal tip, which are conveyed in vesicles to the hyphal apex before fusing with the 
plasma membrane and synthesizing chitin in a highly localized manner (Riquelme et al., 
2007; Riquelme and Bartnicki-Garcia, 2008; Ruiz-Herrera et al., 1977; Bartnicki-Garcia 
et al., 1978; Yarden and Yanofsky, 1991, Gooday, 1971; Amnuaykanjansin and Epstein, 
2006).  Experiments by Ruiz-Herrera and Bartnicki-Garcia (1974) demonstrated that 
chitin microfibrils could be assembled from pools of UDP-N-acetylglucosmanine when 
solubilized extract from a fungal membrane (from Mucor rouxii) was added in vitro.  
When these microfibrils were examined under electron microscopy, they resembled the 
fibrillar skeleton of isolated, fragmented cell walls.  Further analysis revealed that the 
enzyme responsible for microfibril assembly was not soluble, but instead consisted of 
small particles, which could be isolated via high-speed centrifugation.  These small chitin 
synthetase particles were actually hollow microvesicles, named chitosomes, after 
examination with negative staining and electron microscopy.  These microvesicles were 
spheroid and measured between 40-70nm in diameter, and similar microvesicular 
structures could be documented in sections of whole cells (Bracker et al., 1976).  Given 
the reproducibility of these results, it was concluded that chitosomes serve as cytoplasmic 
containers transporting chitin synthase to the cell wall and one chitosome equaled one 
microfibril (Bracker et al., 1976, Bartnicki-Garcia, 1990; Bartnicki-Garcia et al., 1995).  
Subsequent studies, including those by Ruiz-Herrera et al. (1977) and Bartnicki-Garcia et 
al. (1978) using several species of fungi documented the link between the chitin 
microfibril and the chitin synthase enzyme, which could be separated by centrifugation.  
The chitosomal CHS appeared to be in a zymogenic state and could carry out microfibril 
synthesis after activation with a protease and incubation with UDP-GlcNAc and a 
divalent metal cofactor.  Chitosomes were isolated from N. crassa, S. cerevisiae, 
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Allomyces macrogynus, and Agaricus bisporous all had similar profiles in size, shape, 
and chitin synthesizing ability, although some specific differences did exist between these 
fungi in the zymogen’s reaction to proteases and stability during centrifugation.  
Bartnicki-Garcia et al. (1978) concluded that chitosomes were a ubiquitous part of the 
cytoplasmic machinery, conveying CHS to sites of microfibril assembly, although the 
authors state that the existence of chitosomes in living cells had not been conclusively 
demonstrated. 
  Gooday (1971) also tentatively linked microfibril synthesis with previous 
observations of vesicle aggregation in the hyphal apex, which other researchers 
implicated in cell wall synthesis (McClure et al., 1968; Girbardt, 1969; Grove et al. 1970; 
Grove and Bracker, 1971).  Using autoradiolabeling techniques, Gooday (1971) observed 
the uptake of glucose and N-acetylglucosamine in S. commune and N. crassa, noting that 
the highest concentrations of silver grains were within 1µm of the hyphal apex, and 
concentrations decreased dramatically at 5µm or further, although some variation was 
observed, particularly in N. crassa.  The images he obtained strongly supported the idea 
that growth occurred via wall construction at the hyphal apex, particularly at the very tip.  
Despite the distribution of silver grains appearing to correlate with vesicle accumulation, 
Gooday cautioned that fungal cell wall assembly was likely a multi-step process.   
 The identification of CHS genes introduced a new set of approaches to examine 
cell wall synthesis in the fungi and to correlate the function of a specific CHS, relative 
importance, and possible site(s) of activity.  Using repeated point induced mutations, 
Yarden and Yanofsky (1991) inactivated the chs-1 gene in N. crassa to measure CHS-1 
activity and observe any morphological abnormalities.  N. crassa colonies lacking chs-1 
displayed slower growth with no mycelial mat on solid media, and individual hyphal tips 
appeared swollen, although cross walls were unaffected.  Measured uptake of UDP[1-
14C]GlcNAc in cell-free extracts from the mutant strains was seven to twenty-fold lower 
than in wild-type extracts, suggesting that inactivation of chs-1 led to a reduction in chitin 
content and causing the hyphal abnormalities.  The chs-1 inactivated cultures were also 
more sensitive to Nikkomycin-Z, an inhibitor of chitin synthase activity compared with 
wild-type cultures. 
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Given the observations that deletion or inactivation of a particular CHS or set of 
CHSs results in impaired growth and altered hyphal morphology, it is still not completely 
understood how chitin synthase is transported to areas of cell wall construction.  One 
model that has been proposed (Bracker et al., 1976; Leal-Morales et al., 1988) suggests 
that CHS is packaged in the chitosomes and transported to the required area, where it is 
then activated.  To further analyze the proposed transport of CHS by the chitosomes, 
Sietsma et al. (1996) generated polyclonal anti-CHS antibodies to identify sites of CHS 
accumulation in N. crassa hyphae, which, when probed with gold-conjugated antibodies, 
were localized near the hyphal apex and coupled with membrane-like coated vesicles.  
Although the antibody was raised against the chs-2 gene product in N. crassa, Sietsma et 
al., (1996) were unable to conclusively determine if the final extract was CHS2 from 
Western blot results, or a different, more abundant CHS.  However, in TEM analysis 
using anti-chitin synthase primary antibodies followed by a colloidal gold-conjugated 
secondary antibody, distinct and specific CHS labeling could be observed.  This label 
was located near the hyphal apex and was associated with membranous-coated vesicles.  
The label, when it occurred in these vesicles, appeared both within the vesicle and at the 
vesicle’s margins.  Observations of the size, optical density and hyphal distribution of 
these antibody-labeled particles supported previous biochemical data that correlated CHS 
activity with the discrete populations of microvesicles referred to as chitosomes (Bracker 
et al., 1976; Ruiz-Herrera et al., 1977).  Similarly, Ruiz-Herrera et al., (2006) detected 
immunolabeled CHS3/CHS4 from U. maydis in the fungal cytoplasm.  Small clusters of 
gold particles were frequently observed in the cytoplasm and in some images associated 
with plasma membrane-fusing microvesicles.  Similar experiments with CHS6/CHS8 
documented some labeling of the cell wall in vesicle-like structures, lending support to 
previous suggestion that CHS are collected in chitosomes.   
Green fluorescent protein (GFP) fusions with CHS proteins have provided 
additional insight into CHS localization in living hyphae.  Amnuaykanjansin and Epstein 
(2006) fused GFP to CgchsA, a class VII CHS in Colletotrichum graminicola.  Confocal 
microscopy studies demonstrated that the fluorescent signal was present in the apical 
region of hyphal branches and at newly forming septa.  The signal was most prominent at 
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the plasma membrane where cell wall synthesis was occurring, supporting the idea that 
CHS is localized in the plasma membrane.  In. N. crassa, GFP fusions have been created 
with CHS-1, CHS-3 and CHS-6 to observe both areas of CHS localization and track 
vesicle movement, indicative of chitosomes, to the apical region and Spk using light 
microscopy techniques (Riquelme et al., 2007; Sánchez-León et al., 2011; Fajardo-
Somera et al., 2015).  All three GFP-CHS fusions had fairly consistent patterns of 
localization, although there were also some subtle differences.  The strongest fluorescent 
signal was detected in the hyphal apex with all three CHS – in a position which 
corresponded with the location of the Spk, lending further support to previous 
observations that some, if not all the microvesicles previously observed in the Spk 
(Bracker et al., 1976; Bartnicki-Garcia et al., 1979; Bartnicki-Garcia, 2006) are likely 
chitosomes.  Fluorescence recovery after photobleaching (FRAP) of the CHS-3-GFP and 
CHS-6-GFP labeling of the Spk region demonstrated that the labeling originated from 
fluorescing particles traveling to the hyphal apex and the two CHS showed similar 
recovery patterns.  While all 3 CHS-GFP localized to the Spk region, there were three 
distinct populations of particles.  CHS-1-GFP labeled particles initially accumulated in 
the subapical and apical region before moving towards the hyphal tip behind the Spk 
before merging with it.  The area occupied by CHS-1 appeared to be larger than that of 
CHS-6, and CHS-1 and CHS-3 appeared to occupy the same area, but remained distinct 
populations.   
The CHS-GFP signal was located in the interior of vacuoles, but not in the 
membranes.  These vacuoles travel in primarily a retrograde manner towards the hyphal 
tip, decreasing in size, until they became finely dispersed into putative microvesicles, 
presumable chitosomes.  Precise measurement of these fluorescing particles as they 
merged with the Spk was not possible due to the resolution limits of light microscopy, but 
Riquelme et al. (2007) and Sánchez-León et al. (2011) were able to track CHS movement 
through a N. crassa hypha and document that there are separate, distinct vesicles, 
presumably chitosomes for each CHS.  
 In the human pathogen Wangiella (Exophiala) dermatitidis, single chs mutants 
did show reduced chitin synthesis, but double mutants were required to impair growth 
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and virulence (Liu et al., 2004).  Previous studies of two CHS knockout mutants in N. 
crassa revealed that the ∆chs-1 had hyphal diameters and overall branching patterns 
similar to the wild-type strain, but slightly decreased growth.  In comparison, the ∆chs-6 
displayed slightly reduced growth (Sánchez-León et al., 2011).  Additional analysis 
revealed that ∆chs-6 and ∆chs-7 displayed the slowest growth and smallest Spk 
diameters, while ∆chs-2, ∆chs-3 and ∆chs-5 displayed growth rates and Spk diameters 
comparable to the WT (Fajardo-Somera et al., 2015). 
 
The Spitzenkörper and Hyphal Growth 
Fungal hyphae exhibit polarized growth, elongating at the hyphal apex, through 
the localized construction of new plasma membrane and cell wall through the exocytosis 
of secretory vesicles (Bartnicki-Garcia and Lippman, 1969; Gooday 1971; Ruiz-Herrera 
1991).  Gooday (1983) estimated that the bulk of cell wall was laid down within the first 
micrometer of the hyphal tip.  Polarity is established during hyphal germination, which 
manifests as an accumulation of vesicles at the site of germ tube emergence.  Once this 
polarity is established, it is maintained through the transport and aggregations of these 
apical vesicles, and polarized growth is the dominant form of growth in fungi (Fischer et 
al., 2008).   
While aggregations of vesicles have been observed in the hyphal apex, in 
numerous fungal species, EM and phase-contrast LM studies have consistently 
documented a Spk in only the Ascomycota and Basidiomycota (Marchant et al., 1967; 
McClure et al., 1968; Girbardt, 1969; Grove et al. 1970; Grove and Bracker, 1971) with 
the exceptions of Allomyces macrogynus (Blastocladiomycota), and Basidiobolus 
(Entomophthoromycotina), which has traditionally been placed with the zygomycetous 
fungi (Vargas et al., 1993, Roberson et al., 2011).  Although the boundaries of the Spk 
itself may appear indistinct, there is a clear organization of vesicles.  The current 
consensus is that the Spk is an organized, dynamic collection of secretory vesicles, 
cytoskeletal elements and signaling proteins, located at the apex of most growing hyphae.  
It is not membrane bound and can rapidly fluctuate in size, shape and position in response 
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to endogenous signals or environmental changes – and variations in the Spk among cells 
of the same species have been documented due to the dynamic nature of the Spk.   
The most obvious component of the Spk of the Basidiomycota and Ascomycota is 
a dense cluster of secretory vesicles, the ultrastructural equivalent of the dark region seen 
with phase-contrast microscopy (Girbardt, 1969; Grove and Bracker, 1970; Howard, 
1981; Roberson et al., 2010).  The Spk central core contains either significantly fewer 
vesicles or a larger population of smaller microvesicles thereby generating a lower 
refractive index which gives rise to its phase-light appearance.  Morphologically there are 
two categories of vesicles identified in the Basidiomycota and Ascomycota: the apical 
vesicles, also known as macrovesicles, (70 - 100 nm diameter) and smaller polyhedral 
microvesicles (30 - 40 nm diameter) that have been identified in cryofixed hyphae.  
Although the arrangements of Spk vesicles may appear disorganized or random, spiral 
and linear patterns of vesicles have been observed.  For example, Roberson and Fuller 
(1988) reported linear patterns of microvesicles associated with microfilaments (MF), 
presumably filamentous actin.  The Spk is, in fact, enriched with actin MFs that are most 
concentrated within the core (Bourett and Howard, 1991).  Microtubules (MT) are also 
found associated with the Spk.  
Girbardt (1957, 1969) was the first to observe that the Spk was always present in 
growing hyphal tips, but absent in non-growing tips.  In growing hyphae, changes in the 
direction of hyphal growth are telegraphed by the movement of the Spk, which shifts 
from its central position to one side, with the hypha following momentarily.  Once the 
change in direction has occurred, the Spk returns to the center of the hypha again.  While 
the position of the Spk does affect hyphal growth, hyphae generally grow in a straight, 
fixed direction (Riquelme et al., 1998).  Hyphal growth in the fungi does not occur as a 
steady-state and there are periods of pulsed growth (Lopez-Franco et al., 1994).  These 
fluctuations in growth rate do occur at regular intervals, however, and appear to be 
dependent upon the overall rate of secretory vesicle delivery.   
These fluctuations result from the Spk’s role as a dynamic vesicle organizing 
center – receiving secretory vesicles in from the subapical region and coordinating their 
delivery to the apical membrane (i.e. a vesicle supply center) thereby optimizing hyphal 
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extension rates and regulating the directions of growth and morphogenesis (Bartnicki-
García et al. 1989; Riquelme et al. 1998).  The Spk is a dynamic structure whose 
presence and absence corresponds with rates of cell growth.  It assembles de novo as 
secondary and tertiary hyphal branches emerge (Riquelme and Bartnicki-García, 2004) 
and as germ tubes mature into hyphae (Araujo-Palomares et al., 2007).  Nine 
morphological patterns of Spk organization have been described using phase-contrast 
microscopy (López-Franco and Bracker, 1996).  These morphological patterns have yet 
to be documented at the ultrastructural level, however, and it is currently unknown if they 
represent authentic phylogenetic markers.   
 
Fungal Taxonomy and Phylogenetic Markers 
Given the diversity of the fungi, fungal taxonomy and phylogeny are complex 
issues.  It has been estimated that there are currently 700,000 to 1.5 million extant species 
(Hawksworth, 1991; Schmidt and Mueller, 2007).  A growing number of sequences from 
previously unidentified fungi have been added to public databases from molecular 
environmental studies, some of which potentially represent basal clades and may be 
important to understanding the evolution of that particular clade (Schadt et al., 2003; 
O’Brien et al., 2005; Arnold et al., 2009).  Fungal classification changed very little from 
Anton de Bary’s 1884 proposals – until the second half of the 20th century.  Fungal 
phylogenies were based on morphological, anatomical and chemical characters.  In the 
1960s, analysis of cell wall chemistry and biochemical pathways, such as amino acid 
biosynthesis were used to clarify the relationships among fungi.   
Advances and new developments in sequencing have added considerably to the 
current understanding of fungal phylogeny.  Initial molecular phylogenies were based 
upon single locus trees of nuclear ribosomal DNA (rDNA) and approximately 75% of 
fungal phylogenies published until 2003 were still based upon one locus.  As whole 
genomes were sequenced, use of phylogenomics to determine fungal phylogeny became 
possible, but also raised questions regarding the number of genes needed to generate a 
robust tree.  Analysis of eight Saccharomyces genomes using 106 genes suggested that 
the minimum number of genes needed at the species level was twenty concatenated genes 
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(Rokas et al., 2003; Jeffroy et al., 2006).  Several phylogenomic studies across a broad 
range of fungi have been conducted (Kuramae et al., 2006; Robbertse et al., 2006), 
primarily to examine the evolutionary relationships among the Ascomycota.   
Use of fewer genes, however, has still proved useful when examining a broader 
range of fungi and attempting to determine phylogeny in a phylum, but results can be 
influenced by the genes used for the level of organization; i.e., 18S data is most 
informative when analyzing families and orders (Hoffmann et al., 2013).  James et al. 
(2006) used six genes (18S rRNA, 28S rRNA, 5.8S rRNA, RNA polymerase II – RPB1 
and rpb2 and elongation factor 1α) across 199 taxa to examine the early evolution of the 
fungi.  Similarly, six genes (nSSU, nLSU, mSSU, RNA polymerase II – rpb1 and RPB2, 
and transcription elongation factor (tef1)) across 420 species were used when analyzing 
ascomycete phylogeny, with particular attention to the origin and evolution of specific 
reproductive and ecological traits (Schoch et al., 2009).  Only three nuclear genes (18S 
rRNA, 28S rRNA, and 5.8S rRNA) were utilized when analyzing zygomycete phylogeny 
across 104 taxa of the Zygomycota (White et al., 2006), but that resulting tree was 
discarded with the analysis of Hibbett et al. (2007), which reorganized the zygomycetous 
fungi into two phyla and four additional subphyla.  Further elucidation of these six 
zygomycetous lineages is ongoing (Benny et al., 2014).  
Structural data has also played an important role in the analysis of fungal 
evolution.  Phylogenetically informative traits have included organization of motile cells, 
such as zoospores, septal pore organization and nuclear division and spindle pole body 
(SPB) form (Celio et al., 2006; Lutzoni et al., 2006).  Use of these characters has 
elucidated some differences between fungal groups in addition to exposing several cases 
of parallel or convergent evolution.  Results from structural data, however, have been 
limited by the number of fungi surveyed, particularly within a phyla and the lack of basal 
fungi examined.  One example is the multiple losses of centrioles in basal fungi, which 
possibly suggests multiple independent origins of SPB structure in basal groups, but not 
necessarily in the sister clades of Ascomycota and Basidiomycota (Celio et al., 2006; 
James et al. 2006).  
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It has also been suggested that the hyphal tip ultrastructure may be a 
phylogenetically informative trait.  In the Ascomycota and Basidiomycota, the Spk with 
its discrete spheroid aggregation of vesicles can be readily discerned and eight patterns of 
Spk organization have been documented (Lopez-Franco and Bracker, 1996).  A ninth 
pattern has been identified in the chytridiomycete Allomyces macrogynus (Vargas et al., 
1993).  Aggregations of vesicles in the hypha tip have been reported in the zygomycetous 
fungi, but they appear to be organized as a vesicle crescent along the hyphal apex.  Only 
a small number of fungal species have been examined, however, and hyphal tip 
organization in the basal fungi of the basidiomycetes and ascomycetes remains largely 
unknown.  In addition, there is also the question of vesicle size and composition at the 
tip.  Surveying the vesicle populations and organization in the hyphal tips of a broad 
range of fungi will provide new insight into fungal phylogeny and support the Spk (or 
vesicle organization) as a taxonomic character. 
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CHAPTER 2 
Hyphal Tip Growth, Ultrastructure and Cytoplasmic Organization in the Wild-type and 
Two Chitin Synthase Mutants of Neurospora crassa  
 
ABSTRACT 
The present study has investigated hyphal growth, cytoplasmic ultrastructure and 
organization in wild-type Neurospora crassa and two chitin synthase mutants: Δchs-1 
and Δchs-6.  The primary fibrillar component of the fungal cell wall is chitin, a linear 
polymer of ß-1,4-N-acetylglucosamine.  Chitin synthesis occurs at the cell surface, 
primarily at sites of growth, and is catalyzed by a transmembrane enzyme known as 
chitin synthase (CHS).  Neurospora crassa contains seven chitin synthases (CHSs), six of 
which can be localized to the Spitzenkörper (Spk) and the growing hyphal apex, while 
the seventh has only been localized to the septa.  It has been theorized that some CHS in 
filamentous fungi may either be redundant in function, which would allow continued 
growth if one CHS were suppressed or knocked out, or would allow specialization of a 
CHS for a precise function or life process.  Previous studies examining growth in CHS 
deletion mutants have demonstrated that hyphal growth is impaired in these strains; 
however, changes in cytoplasmic organization and ultrastructure have not been 
elucidated.  At the light microscopic level, the two CHS deletion mutants exhibited 
impaired growth rates, particularly ∆CHS-6.  Both deletion mutants also possessed 
smaller hyphal diameters when compared to the wild-type.  A Spk could be identified in 
actively growing hyphae with both the wild-type and deletion mutants.  Measurements of 
the apical and microvesicles in all three strains revealed no significant differences in 
vesicle diameter between the wild-type and deletion mutants.  While the cytoplasmic 
organization of ∆CHS-1 resembled that of the wild type, the deletion of CHS-6 appeared 
to have a significant impact on cytoplasmic organization as illustrated by irregular 
appearing mitochondria with distorted cristae. 
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INTRODUCTION 
 The primary fibrillar component of the fungal cell wall is chitin, a linear polymer 
of ß-1,4-N-acetylglucosamine.  While the cell walls of yeasts, e.g., Saccharomyces 
cerevisiae, contain 1-2% chitin, those of filamentous fungi, e.g., Neurospora crassa, 
contain 10-20%.  While this represents a small percentage of the composition, chitin 
plays a critical role in cell wall shape and strength, allowing a fungus to carry out its life 
processes while tolerating adverse environmental conditions.  The polymerization of N-
acetylglucosamine from UDP N-acetylglucosamine into chitin, which is present as long 
microfibrils, is dependent upon the regulation of distinct chitin synthase (CHS) 
isoenzymes, which are membrane-bound ß-glycosyltransferases  (Choquer et al., 2004). 
 Fungal CHS have been divided into three major divisions and seven classes 
based upon characteristic amino acid sequences (Riquelme and Bartnicki-García, 2008).  
Classes 1, II, and III, the members of Division I, all contain the common protein 
organization composed of a catalytic domain (pfam03142) surrounded by an hydrophilic 
domain (pfam 01644) N-terminus region and a hydrophobic C-terminus region.  Classes 
IV, V, and VII belong to Division 2, with classes IV and V containing the same catalytic 
domain preceded by a cytochrome b5-like domain (pfam00173).  In addition, Class V and 
VII have a myosin motor head-like domain (pfam00063) in the N-terminal region.  
Division 3, which consists of only class VI has only a conserved catalytic domain 
(Choquer et al., 2004; Mandel et al., 2006; Riquelme and Bartnicki-García, 2008).  
Classes III, IV, V, and VII are found exclusively in the filamentous fungi, raising 
questions with regards to the role of CHS, and their necessity.  Seven CHSs have been 
identified in N. crassa, one in each of the classes, presenting an ideal situation to examine 
the role and necessity of a specific CHS (Galagan, et al., 2003; Borkovich et al., 2004; 
Riquelme et al., 2007).  Green fluorescent protein (GFP) fusions of each of the N. crassa 
CHS have been created and subsequent experiments have documented fluorescently 
labeled vesicles of GFP-CHS-1, GFP-CHS-3, and GFP-CHS-6 traveling from the 
subapical regions of hyphae towards the hyphal apex and accumulating in the 
Spitzenkörper (Spk) (Riquelme et al., 2007; Sanchez-Leon et al., 2011).  Fluorescence 
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recovery after photobleaching also demonstrated that the source of the fluorescent label 
in the Spk were the vesicles progressing from subapical regions of the hypha to the apex 
(Sanchez-Leon et al., 2011).  The CHS-specific vesicles remained as separate populations 
and occupied their own discrete positions within the Spk.  Their aggregation in the Spk 
further supports the idea that some of the Spk’s microvesicle population are chitosomes, 
whose likely primary function is the synthesis of chitin.  Chitin synthase is present in 
zymogenic form that requires limited proteolysis for activation once the chitosome is 
inserted into the plasma membrane (PM) at the hyphal tip.  This zymogenicity prevents 
chitin synthesis until the chitosome has reached the PM.  Once activated, CHSs assemble 
UDP-N-acetylglucosamine (UDP-GlcNAc) from the cytoplasmic region into linear 
chains of β(1,4)-GlcNAc which are expelled through the PM.  Hydrogen bonding occurs 
between these newly assembled chitin chains forming microfibrils, which subsequently 
crystallize (Bartnicki-Garcia, 1987; Bowman and Free, 2006; Riquelme, 2013). 
 Given the importance of chitin synthesis in fungal cell wall growth and 
morphogenesis, we have conducted a study of two chitin synthase deletion mutants in N. 
crassa: ΔCHS-1 and ΔCHS-6.  Previous CHS deletion studies in other filamentous fungi 
(Borgia et al., 1996; Fukuda et al., 2009; Morcx et al., 2013) have primarily focused on 
macroscopic changes such as reduced growth, reductions in conidia production, and 
changes in hyphal morphology, in addition to a focus on reduced pathogenicity, given the 
uniqueness of CHS in the fungi and the possibility of using CHS as anti-fungal drug 
targets (Soulie et al., 2003; 2006; Madrid et al., 2003; Martin-Urdiroz et al., 2008).  Our 
findings support previous research documenting reduced hyphal growth in CHS deletion 
mutants of N. crassa.  Here we present hyphal growth behaviors and ultrastructural 
characteristics of these mutants relative to wild-type hyphae.  
 
MATERIALS AND METHODS 
 
Growth of Cultures 
The wild-type stain, N. crassa #988, was obtained from the Fungal Genetic Stock 
Center (FGSC).  The two mutant strains were obtained from Dr. Meritxell Riquelme and 
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also originated from the FGSC, strain numbers 14318 (∆chs-1) and 13408 (∆chs-6).  All 
three cultures were grown on Vogel’s complete media (VCM) at 23oC, and were 
transferred approximately every 3-4 days by cutting agar blocks from the leading edge of 
the culture and placing on a fresh plate of VCM. 
 
Preparation of cultures for Light Microscopy (LM) 
For imaging, culture slides were prepared by applying a thin layer of Vogel’s 
complete broth and 15%s (w/v) gelatin (VCG) over one surface of sterilized microscope 
slides.  Small agar blocks containing actively growing Neurospora hyphae were 
inoculated onto the surface of the VCG.  Cultures were placed in moist chambers and the 
hyphae were grown overnight at room temperature (RT).  Hyphal tips were imaged using 
an Axioskop light microscope (Carl Zeiss Inc., Thornwood, NJ ) equipped with phase 
contrast (PC) optics using Plan-Neofluar 100x/1.3 NA (oil immersion) objective.  The 
microscope was coupled to a Roper Cool SNAP ES digital camera (Roper Scientific, Inc., 
Tucson, AZ) and processed using Meta-Morph 6.0/6.1 software (Universal Imaging 
Corporation, Downingtown, PA).  Data were analyzed using ImageJ (NIH, Bethesda, 
MD) and Adobe Photoshop 7.0 (Adobe Systems Inc., San Jose, CA). 
For FM4-64 studies, agar blocks with the leading hyphal edge were carefully 
trimmed and inverted onto a coverslip containing FM4-64 (Fischer-Parton et al., 2000) in 
a drop of Vogel’s complete broth at a final concentration of 25 µM and imaged using a 
Zeiss 510 Meta confocal microscope (Carl Zeiss Inc., Thornwood, NJ) equipped with an 
argon laser for excitation at a 488nm wavelength and a 600-700 nm wavelength filter for 
FM4-64 with a 100x/1.3 NA (oil immersion) objective.  Confocal images were collected 
using Leica 510 LSM software version 3.2 (Carl Zeiss) and analyzed using ImageJ (NIH, 
Bethesda, MD).  Final images were analyzed in Adobe PhotoShop 7.0 (Adobe Systems 
Inc., San Jose, CA).  
 
Preparation of Cultures for Transmission Electron Microscopy (TEM) 
Agar blocks were cut from the leading edge of actively growing cultures and 
placed on VCM plates overlaid with sterile dialysis membrane, which allowed the hyphae 
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to grow out as a monolayer.  After approximately 6 hours, hyphal tips and membranes 
were trimmed into 5 x 7 mm pieces for plunge-freezing in liquid nitrogen-cooled 
condensed propane.  Before freezing, cells were allowed to recover from the trimming 
process for 30 to 60 minutes.  After plunge-freezing, samples were transferred to a pre-
cooled freeze-substitution fluid (-85oC) of 1% glutaraldehyde and 1% tannic acid in 
acetone. 
 After being held for 48-72 hours at –85oC, cells were washed three times in cold 
acetone (–85oC) and transferred to a solution of cold 1% OsO4 in acetone for one hour.  
The samples were then slowly warmed to room temperature (RT), according to the 
following regimen: 2 hours at -15oC, 2 hours at 4oC, and then to RT.  Cells were left at 
RT for 30 to 45 minutes before being washed three times with acetone and infiltrated in 
25% increments with Spurr’s resin before flat-embedding between Teflon coated glass 
slides and a strip of Teflon and polymerized at 63oC for 24 hours.  Selected cells were 
sectioned on a Leica Ultracut R ultramicrotome (Leica Microsystems Inc., Bannockburn, 
IL), collected on copper grids, and post-stained for 10 minutes in 2% uranyl acetate in 
50% ethanol and for 5 minutes in lead citrate.  Sections were then examined on a JEOL 
1200EX (JEOL Ltd., Tokyo, Japan) transmission electron microscope equipped with a 
SIA L3C CCD camera (SIA Inc., Duluth, GA).  Micrographs were analyzed using Adobe 
Photoshop 7.0 (Adobe Systems Inc., San Jose, CA) and Image J (NIH, Bethesda, MD). 
 
Preparation of Cultures for Scanning Electron Microscopy (SEM) 
 Cultures were grown on VCM where the media had been poured so as just to 
cover the bottom of petri dish for approximately 48 hours before fixation in 2% 
glutaraldehyde in 0.05M phosphate buffer (pH 6.8) for 2 hours by flooding the plates at 
RT.  Agar blocks were cut out and rinsed 3 times with 0.05M phosphate buffer (pH 6.8), 
and stained for 2 hours in 1% OsO4 in the same buffer for 1 hour at 4oC.  Selected blocks 
were then trimmed again, placed in metal baskets and dehydrated in a series of acetone 
washes, followed by 3 washes in 100% ethanol.  The baskets containing fungal hyphae 
were then transferred into a Balzers critical point dryer (Leica Microsystems Inc., 
Bannockburn, IL).  Critical point dried samples were then mounted on aluminum stubs, 
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and sputter coated using a Technics Hummer 2 sputter coater (Technics Inc. Osaka, 
Japan).  Samples were analyzed using a JEOL JSM6300 scanning electron microscope 
(JEOL Ltd., Tokyo, Japan).  Micrographs were analyzed using Adobe Photoshop 7.0 
(Adobe Systems Inc., San Jose, CA) and Image J (NIH, Bethesda, MD). 
 
RESULTS 
 
Effect on Hyphal Growth and Morphology 
 In addition to the wild type (WT), both mutant strains could readily be grown out 
on VCM (Figs. 1-4).  Growth rates of individual hyphae from both the WT and deletion 
stains were measured to examine the effect of deleting a CHS on hyphal growth.  
Elongation rates of ∆CHS-1 averaged 35µm/min (± 3.1µm/min, n=11) and were similar 
to those of the WT hyphae, which averaged 38.3 µm/min (± 4.5µm/min, n=18).  Growth 
rates of the ∆CHS-6 hyphae, however, were noticeably impaired and measured 
23µm/min for ∆CHS-6 (± 3.5µm/min, n=18) (Table 1). 
 At both the LM and EM level, there were noticeable differences in hyphal 
morphology, namely the diameter of the hyphae (Figs. 1-4).  Although the growth rate of 
the ∆CHS-1 mutant was similar to that of the WT, both ∆CHS-1 and ∆CHS-6 hyphae had 
smaller diameters.  Measurements of primary hyphae from approximately 10µm below 
the apical dome from phase contrast light microscopy were obtained.  Wild-type hyphae 
measured 8.0 µm (SD 1.5µm, n=15).  ∆CHS-1 hyphae had a diameter of 4.5 µm (SD 
0.83, n=16) while ∆CHS-6 hyphae had average diameter of 5.8 µm (SD 0.65, n=14) 
(Table 2).  
 
Appearance of the Spitzenkörper 
 A distinct Spk could be detected in all growing hyphae, both in the WT and two 
deletion strains (Figs. 3, 4) using phase contrast microscopy, in addition to labeling with 
FM4-64.  When viewed with FM4-64, the Spk in the ∆CHS-6 (Fig. 4p-r) appeared less 
bright compared with the Spk observed in the WT (Fig. 4d-f) and ∆CHS-1 (Fig. 4. j-l) 
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strains.  The Spk in all strains were dynamic, varying in shape, size and position as the 
hyphae grew.  When the Spk disappeared, apical growth ceased. 
 The Spk in the two deletion strains behaved in a comparable manner to Spk in the 
WT strain.  Although as previously noted, growth was impaired in the ∆CHS-6 strain, 
and slightly slower in ∆CHS-1, the Spk was present during periods of growth and its 
position could be correlated with the direction of growth in both mutants (Fig. 4).   
 In well-frozen hyphae prepared for TEM, a Spk could be identified in both the 
WT and two mutants (Figs. 5-12).  In the WT, a large, robust aggregation of vesicles, 
including macrovesicles, microvesicles, and ribosomes could be detected (Figs. 5-7).  
Macrovesicles were arranged in a more or less a horseshoe shape around a core of 
microvesicles (Figs. 5, 6).  Although some variation was present, the organized nature of 
the Spk could readily be observed, as illustrated in two near median sections through the 
center of the Spk (Fig. 7).  The Spk observed in both the ∆CHS-1 and ∆CHS-6 hyphae 
did not appear to resemble the WT Spk.  (Figs. 8-11).  In both mutant strains, the 
aggregation of vesicles comprising the Spk seemed to be less densely arranged in 
comparison to the Spk of WT hyphae.  Although the arrangement of macrovesicles and 
microvesicles appeared not as compact as that observed in the WT, the arrangement 
could still be observed and recognized as a Spk.  
 Deletion of CHS-1 or CHS-6 did not appear to impact vesicle diameters.  The 
macrovesicle diameter averaged 71 nm (n=508; SD 13) across the three strains, while the 
microvesicle diameter averaged 35.2 17nm (n=555; SD 5.7) (Table 2).  These values 
correspond to previous observations of vesicle sizes in N. crassa (Riquelme et al., 2002). 
  
Effect on Cytoplasmic Organization 
 Phenotypically, at the light microscopy level, both the WT and two deletion 
strains appeared similar in cytoplasmic organization.  In addition to the Spk documented 
in growing hyphae, mitochondria could readily be observed using PC optics.  At the EM 
level, ∆CHS-1 was similar in cytoplasmic ultrastructure to the WT with no readily 
discernible differences, with the exception of the less-organized appearing Spk (Figs. 8-
9).  Significant ultrastructural alterations could be documented in ∆CHS-6, however 
(Figs. 10-12).  The aggregation of macro- and microvesicles comprising the Spk appeared 
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less organized and the vesicles themselves, particularly the macrovesicles appeared more 
diffuse in the apical region.  Numerous vacuoles could be observed in the apical region 
(Fig. 12a), but the most noticeable difference appeared in the mitochondria.  The 
mitochondria in the ∆CHS-6 strain appeared smaller, with a distorted shaped compared 
with those found in both WT and ∆CHS-1 hyphae.  These misshapen mitochondria also 
contained aberrant, swollen cristae (Fig. 12b). 
 
DISCUSSION 
 Deletion of either chs-1 or chs-6 in N. crassa generated changes in growth and 
morphology, in addition to ultrastructural abnormalities compared with the WT.  Both 
∆CHS-1 and ∆CHS-6 had much smaller hyphae when compared to the WT, and although 
∆CHS-1 hyphae elongated at a rate comparable to the WT, ∆CHS-6 hyphal growth was 
significantly impaired.  This suggests that CHS-1 and CHS-6 contribute to cell wall 
construction and hyphal elongation given the smaller hyphae and reduced rates of 
growth.  Since growth was observed in both mutants, suggests that other CHS are also 
involved in these processes, either performing a redundant function or compensating for 
the deleted CHS. 
 It was revealed that the ΔCHS-1 strain was a heterokaryon, containing one copy 
of the deletion cassette and one copy of the chs-1 gene (Fajardo-Somera et al., 2015).  
Consequently, observations of the ΔCHS-1 strain may not represent the impact of 
deleting CHS-1 or its role in hyphal elongation and impact on Spk organization.  CHS-1 
is a class III CHS, and the only subfamily within division I found exclusively in the 
filamentous fungi.  It has been proposed that class III CHS evolved later than the other 
members of division I and plays a role in maintaining cell wall integrity (Roncero, 2002; 
Ruiz-Herrera, 2002).  While the greater diversity of CHS in filamentous fungi may allow 
for specialization of function, it also appears there is a redundancy of function.  
Numerous studies have focused on the role of Class III CHS and with the conclusion that 
deletion of this particular CHS either had no apparent impact on growth or produced 
abnormal growth.  The opportunistic pathogen Aspergillus fumigatus, possesses two class 
III CHS: ChsC and ChsG.  Deletion of ChsC resulted in no differences in hyphal 
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morphology and chitin synthase activity was similar to that of the WT.  When ChsG was 
deleted, however, colony growth was impaired, hyphae were highly branched, and there 
was a reduction in chitin synthase activity, indicating that ChsG is necessary for proper 
growth in A. fumigatus (Mellado et al., 1996; Rogg et al., 2011).  Deletion of the class III 
CHS in Wangiella (Exophiala) dermatitidis, another opportunistic pathogen, however, 
produced no effect on either growth or morphology (Wang et al., 2001).   
 Previously, Yarden and Yanofsky (1991) constructed a CHS-1 deletion in N. 
crassa and observed a reduction in hyphal growth, aberrant morphology, and swollen 
hyphal tips.   It has been suggested by Sanchez-Leon et al. (2011), however, that Yarden 
and Yanofsky’s (1991) method of production of the ∆CHS-1 by repeat induced point 
mutations, generated a missense CHS-1 protein rather deleting the CHS-1 protein, 
leading to the observed phenotype.  This CHS-1RIP mutation does suggest that CHS-1 
plays a critical role in hyphal growth, however, since Yarden and Yanofsky observed a 
decrease in chitin levels through observing reduced calcofluor labeling in CHS-1RIP 
hyphae compared to WT. 
 CHS-6 in N. crassa is a Class VI CHS, and was originally identified in A. 
fumigatus as AfChsD, Class VI equivalents have been identified in several other fungi 
including Magnaporthe grisea and Botrytis cinerea through sequence searches (Mellado 
et al., 1996b; Riquelme and Bartnicki-Garcia, 2008).  Deletion of AfChsD resulted in a 
20% reduction in mycelial chitin content, but no differences were documented in 
morphology or chitin synthase activity, compared with the WT.  Similarly, deletion of 
BcChs7 in B. cinerea did not impact chitin synthase activity, but reduced radial colony 
growth was observed (Morcx et al., 2013).   
 Our observations of slow growth in ∆CHS-6 hyphae confirms previous 
observations (Sanchez-Leon et al. 2011; Fajardo-Somera et al., 2015) of slow colony 
growth.  It was noted that when growing hyphae were labeled with FM4-64, the Spk was 
also labeled indicating that endocytosis was occurring and fluorescence could be 
observed in both the WT and mutant strains.  The fluorescence was similar in both the 
WT and ∆CHS-1, but the level of fluorescence appeared reduced in ∆CHS-6, suggesting 
a slower rate of endocytosis and possibly vesicle turnover.  Measurements by Fajardo-
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Somera et al. (2015) confirmed a smaller diameter for the Spk of ∆CHS-6 of 1.1 µm ± 0.09 
µm compared with 1.9 µm ±0.02 µm in the WT.  The slow hyphal growth and reduced 
Spk diameter indicate that CHS-6 is involved with apical growth.  Measurement of the 
chitin content in the fungal cell wall revealed less chitin was produced in the ∆CHS-6 
mutant compared with the wild-type 0.013 mg vs. 0.022mg (Fajardo-Somera et al., 2015) 
respectively.   
 Deletion of CHS-1 or CHS-6 did not impact vesicle size in the microvesicle 
population.  This is of particular interest, given previous research suggesting that a 
percentage of the vesicles in the microvesicle core are chitosomes (Riquelme et al., 2007; 
Sanchez-Leon et al., 2011), transporting inactive CHS enzyme to sites of proteolysis at 
the growing cell wall.  This adds further support to the theory that there are separate 
vesicle populations for each of the chitin synthases.  Deletion of a particular CHS may 
potentially impact the number of vesicles generated, resulting in reduced hyphal growth, 
but CHS deletion does not appear to affect the chitosomes themselves given the similarity 
in size between the three strains.  Further observation is needed to examine the number of 
microvesicles in the center of the Spk in well-fixed WT and deletion strains.   
 The deletion of CHS-6 did produce several alterations in cytoplasmic organization 
when observed at the EM level.  Hyphae lacking CHS-6 possessed many more vacuoles 
in addition to the aberrant mitochondria.  These mitochondria, observed throughout the 
hyphae, contained distorted, swollen cristae, which was unexpected, given our current 
understanding of the role of CHS in cell wall construction and hyphal growth. 
Additional research is needed to further examine chitin production in ∆CHS-1 and 
∆CHS-6 and attempt to determine how significant the deletion of that particular CHS is.  
In addition, more well-frozen TEM sections of hyphae from both ∆CHS-1 and ∆CHS-6 
should be examined to better understand the impact of deleting a CHS at the 
ultrastructural level.  It is not yet understood how the deletion of CHS-6 has such a 
dramatic impact on the mitochondria and their cristae.  Examining the Spk when a CHS 
has been deleted may provide additional insight into the role of the Spk and vesicle 
trafficking to the hyphal apex. 
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Table 1 
 
Neurospora crassa growth rates for wild-type and ΔCHS-1 and ΔCHS-6 hyphae 
 
Strain   Rate/min  ±   N 
 
Wild-type  38.3 µm   3.1   18 
 
ΔCHS-1  35 µm   4.5   11 
 
ΔCHS-6   23 µm   3.5   18 
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Table 2 
 
Neurospora crassa hyphal diameters for wild-type and ΔCHS-1 and ΔCHS-6 hyphae 
 
Strain   Diameter  SD   N 
 
Wild-type  8.04 µm   1.5   15 
 
ΔCHS-1  4.54 µm  0.83   16 
 
ΔCHS-6   5.77 µm  0.65   18 
  
   38
Table 3 
 
Vesicle diameters in Neurospora crassa wild-type and ΔCHS-1 and ΔCHS-6 mutants 
 
Strain   Apical Vesicles    Microvesicles 
  Diameter SD  N  Diameter SD N 
Wild-type 77.34µm 10.28  149  36.2 µm 6.7 165 
 
ΔCHS-1 73.25µm 12.7  190  34.43 µm 5.9 193 
 
ΔCHS-6 62.2µm 9.7  169  34.88 µm 6.2 197 
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Figure 1: Scanning electron micrographs of wild-type hyphae of N. crassa (a, scale bar = 
50 µm), and deletion strains ΔCHS-1 (b, scale bar = 25 µm) and ΔCHS-6 (c, scale bar = 
25 µm).   
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Figure 2: Scanning electron micrographs of wild-type hyphae of N. crassa (a), and 
deletion strains ΔCHS-1 (b) and ΔCHS-6.  Scale bar = 20 µm (a, d, g) ; Scale bar = 10 
µm (b, e, h); Scale bar = 5 µm (c, f, i) 
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Figure 3: Phase contrast images of growing wild-type (a), ΔCHS-1 (b) and ΔCHS-6 (c) 
N. crassa hyphae.  A Spitzenkörper (arrow) is noted in each.  Scare bars = 2µm. 
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Figure 4: Phase contrast and FM4-64 labeled images of growing wild-type, ΔCHS- 1, 
and ΔCHS-6 hyphae.  Arrows indicate Spitzenkörper.  (a-c) Phase contrast of a growing 
wild-type hypha over a one minute period.  Scale bar = 4 µm.  (d-f) FM4-64 labeling of a 
growing wild-type hypha over three minutes. Scale bar = 6 µm.  (g-i) Phase contrast of a 
growing ΔCHS- 1 hypha over a one minute period.  Scale bar = 4 µm.  (j-l) FM4-64 
labeling of growing ΔCHS-1 hypha over three minutes.  Scale bar = 3 µm.  (m-o) Phase 
contrast of a growing ΔCHS-6 hypha over a two minute period.  Scale bar = 4 µm.  (p-r) 
FM4-64 labeling of growing ΔCHS-6 hypha over three minutes.  Scale bar = 3 µm 
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Figure 5: TEM of median section through wild-type hypha.  Note aggregation of vesicles 
making up the Spitzenkörper (asterisk), microtubules (arrows), and mitochondria (M). 
Scale bar = 1.0 μm. 
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Figure 6: Higher magnifications of the Spitzenkörper with macrovesicles (black arrows), 
microvesicles (black arrowheads), and ribosomes (white arrows).  Scale bars = 500 nm 
(a); 100 nm (b). 
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Figure 7: TEM of median sections through additional wild-type hypha illustrating 
variation in the composition and organization of the Spitzenkörper.  Scale bar = 100 nm. 
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Figure 8: TEM showing near median section of ΔCHS-1 hypha.  A Spitzenkörper is 
noted (asterisk) with an aggregation of vesicles.  Mitochondria (M) are also noted.  Scale 
bar = 1µm. 
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Figure 9: (a-d) Serial sections through the ΔCHS-1 hyphal tip showing vesicle 
arrangement within the Spitzenkörper. Scale bar = 0.7 μm. (e) Enlargement of 
macrovesicles and microvesicles.  Scale bar = 170 nm. 
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Figure 10: TEM showing near median section of ΔCHS-6 hypha. Noted are the 
Spitzenkörper (asterisk) and distorted mitochondria (M). Scale bar = 1.0 μm.   
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Figure 11: Additional longitudinal sections through of ΔCHS-6 hyphal tips displaying 
Spitzenkörper. Scale bar = 1.0 μm. 
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Figure 12: Higher magnification of the irregular mitochondria with distorted cristae in 
ΔCHS-6. Scale bar = 0.2 μm. 
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CHAPTER 3 
Hyphal Tip Cytoplasmic Organization in Four Zygomycetous Fungi 
 
ABSTRACT 
 We have examined the hyphal tip ultrastructure and cytoplasmic organization in 
four zygomycetous fungi: Coemansia reversa (Kickxellales), Mortierella verticillata 
(Mortierellales), Mucor indicus and Gilbertella persicaria (Mucorales) using both light 
and transmission electron microscopy.  Previous ultrastructural studies, using traditional 
chemical fixation methods, have examined vesicle organization in the hyphal apex of 
Gilbertella persicaria and Mucor rouxii, but this fixation protocol does not often 
adequately preserve cellular details (membrane structure, cytoskeleton) leading to an 
incomplete picture of hyphal tip organization.  We have utilized cryofixation and freeze-
substitution methods fixation of fungal hyphae for electron microscopy, which yielded 
improved preservation of vesicular morphology with fewer artifacts.  Our research study 
has confirmed previous studies that described the accumulation of vesicles as a crescent 
at the hyphal apex, i.e., the apical vesicle crescent (AVC), and allowed a more detailed 
description of the vesicle population, including vesicle size and appearance.  Additionally 
we have been able to observe the behavior of the AVC during hyphal growth in Mucor 
indicus and G. persicaria and have attempted to determine if the AVC is analogous to the 
Spitzenkörper in the Dikarya.  
 
INTRODUCTION 
 The members of what have been traditionally called the Zygomycota represent an 
extremely diverse group of fungi, ecologically and morphologically distinct from other 
fungi, encompassing both insect and plant pathogens as well as the symbiotic mycorrhiza.  
These filamentous, non-flagellated (except for the plant pathogen Olpidium sp.) fungi 
denote the major transition from the aquatic zoosporic fungal lineages (i.e., 
Chytridiomycota and Blastocladiomycota) to the nonflagellated, multicellular, terrestrial 
Dikarya (James et al., 2006; Hibbett et al., 2007; Benny, 2012; Benny et al., 2014). They 
include important model organisms (e.g., Mucor mucedo, Phycomyces blakesleeanus), 
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taxa that cause economically significant pre- and postharvest diseases of fruits (e.g., 
Gilbertella, Mucor, Rhizopus), species that colonize roots and form endomycorrhizal 
symbioses with 80% of land plants (arbuscular mycorrhizae (AMF); Glomeromycota), 
and diverse and important pathogens of animals, insects, and nematodes (White et al., 
2006).  The zygomycetes significantly impact humans both beneficially through their use 
in industrial production of compounds such as lycopene, fatty acids, and biodiesel (e.g., 
Blakeslea, Mortierella), and antagonistically as rare but deadly human mycoses (e.g., 
Mucor) (Doggett, et al., 2014).  
 Currently six major lineages of zygomycetes, separated into two clades, are 
recognized.  The first clade, referred to as the EKZ clade, contains the 
Entomophthoromycota, Kickxellomycotina and Zoopagomycotina.  The EKZ clade is 
primarily characterized by fungi that associate with other fungi and animals.  
Associations with living plants as either symbionts or pathogens are rare.  The 
Entomophthoromycota include parasites of insects (e.g., Entomophthora), in addition to 
species associated with amphibians and reptiles (e.g., Basidiobolus).  The 
Kickxellomycotina encompass a broad range of fungi that produce highly 
compartmentalized hyphae with unique, lens-shaped septal plugs.  The members of this 
subphylum include saprobic species (e.g., Kickxellales), species associated with the 
hindgut of arthropods (e.g., Harpellales), and parasites of other fungi (e.g., 
Dimargaritales).  The Zoopagomycotina are obligate pathogens of small animals 
including nematodes, rotifers, and amoebae, in addition to other fungi.  Currently a 
representative genome of the Zoopagomycotina has not been sequenced due to difficulty 
in culturing axenic species, however, a molecular phylogeny based on rRNA sequence 
data supports the subphylum’s placement within the EKZ clade.   
 The second clade, referred to as the MMG clade, includes the Mucoromycotina, 
Mortierellomycotina and Glomeromycota.  All members of the MMG clade are either 
associated with plants (i.e., the Glomeromycota) or generally associated with plant-based 
nutrient sources (e.g., the Mucorales).  Interestingly, the MMG clade represents the 
earliest examples of multicellular sporocarp production within the Fungi, as evidenced by 
the Endogonales (Mucoromycotina), which produces small truffle-like sporocarps.  The 
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Mucoromycotina include the majority of the most common and recognized species of 
zygomycetes (e.g., Rhizopus).  Most members of the Mucoromycotina are extremely fast 
growing and frequently early colonizers of carbon-rich substrates.  Several species have 
been utilized in industrial organic acid production and fermentation.  The 
Mortierellomycotina are morphologically similar to Mucorales and were once classified 
in the same order or some suggested they were sister phyla, but genomic data indicates 
Mucorales and Mortierellales are phylogenetically distinct (Bidartondo et al., 2011).  The 
Mortierellomycotina may be basal to the Mucoromycotina based on some studies (James 
et al., 2006) or more closely aligned with the Glomeromycota (Liu et al., 2009; Voigt et 
al., 2009).  While a single locus analysis supported the Mucoromycotina and 
Mortierellomycotina as sister clades, a larger comparison of these fungi utilizing seven 
genes (18S and 28S rDNA, translation elongation factor 1-α, RNA polymerase B1 and 2, 
alpha- and beta-tubulin) from 27 species indicates the two subphyla are well-separated, 
monophyletic groups with no support for sister clades (Hoffmann et al., 2011; 2013).   
 The final member of the clade, the Glomeromycota, also includes the AMF, 
which represent perhaps the most successful plant-fungal symbiosis in nature.  The 
Glomeromycota have been problematic from a phylogenetic standpoint because their 
sexual reproduction is currently unknown.  Hypothetically, morphology places them 
within the zygomycetes, in contrast to rRNA based hypotheses placing them as sister to 
the Dikarya.  Genome-scale phylogenies (Fig. 1) (Halary et al., 2011; Lin et al., 2014) 
place them in a sister clade to Mortierella, but this relationship is not fully supported.   
 The current arrangement of the zygomycetous fungi into the EKZ and MMG 
clades has attempted to address the polyphyletic nature of this group of fungi.  Emphasis 
has been placed on establishing monophyletic groups, but it currently appears the 
question of monophyletic versus polyphyletic origins is subject to the number of species 
and genes analyzed (Hibbett et al., 2007).  Ultrastructural data may also still play a role - 
while there remains some debate regarding the organization of the four orders in 
Kickxellomycotina, the members of this diverse subphylum include saprobes, 
mycoparasites, and obligate symbionts, but all fungi produce a septal wall with a 
lenticular pore and plug (Benny et al., 1975; Moss and Young, 1978).  
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Like other members of the fungal kingdom, the zygomycetous fungi exhibit 
polarized growth, with hyphae extending and differentiating from the initial germ tube.  
Within the growing hyphae, a multitude of complex processes are ongoing, including cell 
wall synthesis, growth of the plasma membrane, polarized vesicle transport, organelle 
positioning, and cytoplasmic migration (Virag and Harris, 2006; Steinberg 2007; 
Roberson et al., 2010).  This organization and ultrastructure within the fungal hyphal tip 
may be phylogenetically informative, given that certain elements of hyphal tip 
organization appear to be conserved among the fungal taxa.  The phylogeny of the 
zygomycetous fungi still appears uncertain, with results predicated on number of 
genomic sequences considered in addition to number of and specific gene sequences 
employed.  Analysis of hyphal tip ultrastructure and cytoplasmic organization has 
provided additional insight into fungal evolution.   
 Despite numerous species exhibiting rapid, polarized growth, particularly those in 
order Mucoromycotina, a Spitzenkörper (Spk) has not been documented in a member of 
the zygomycetous fungi, with the exception of Basidiobolus (Entomophthoromycota), 
which possesses an organization of apical vesicles similar to the Spk in Dikarya 
(Roberson et al., 2011).  Several molecular analyses of Basidiobolus utilizing rDNA 
suggest the fungus is an early branching member of the zygomycetous fungi, but the 
placement of the genus currently remains unresolved (James et al., 2006; White et al., 
2006; Hibbett et al., 2007).  Past ultrastructural studies, using chemical fixation, have 
focused on vesicle organization in the hyphal apex of zygomycetes such G. persicaria 
and M. rouxii.  Although aggregations of vesicles were present at the hyphal tip, they 
appear to be loosely organized into a crescent shape, rather than the spherical 
arrangement observed in ascomycetes and basidiomycetes, and the populations of 
vesicles differed in size and luminal characteristics as well.  Grove and Bracker (1970), 
observed two size classes of vesicles in G. persicaria using TEM, with a group of the 
larger vesicles, organized along the apical plasma membrane forming this crescent-
shaped band, as mentioned above.  Microvesicles and ribosomes were not detected within 
this band.  Outside of the hyphal apex, both large and small vesicles appeared to be 
uniformly distributed.  At the LM level, the large vesicles (which correlated with those 
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observed using TEM) appeared to migrate from the subapical region before reaching the 
cell wall at the hyphal apex, where they remained briefly, forming the crescent shape.  
Additionally, there is the question as to whether this vesicle cluster behaves as a Spk, 
directing the growth of the hypha.   
 This is the first detailed ultrastructural study of C. reversa and M. verticillata.  
Mucor hiemalis and G. persicaria have previously been examined by McClure et al., 
(1968) and Grove and Bracker (1970) utilizing chemical fixation which may not have 
been optimum for the preservation of vesicular and membrane structure.  Grove and 
Bracker (1970) remarked on the different chemical fixation regimens and possible 
difficulties differentiating between microvesicles and ribosomes due to inability to 
distinguish membranes or that microvesicles may simply not be preserved.  Using the 
cryofixation method of plunge freezing followed by freeze-substitution of fungal hyphae 
can provide better preservation of membranes and the cytoskeleton (Hoch and Howard, 
1980; Howard 1981).  In addition, we have focused on the vesicle crescent in the hyphal 
apex of M. indicus and G. persicaria to document the ultrastructural organization and 
using phase-contrast light microscopy of growing hyphae, attempted to determine if the 
accumulation of vesicles behaves as a Spk.  These studies have provided further insight 
into zygomycetous fungal cytoplasmic organization and behavior of the apical vesicle 
crescent during hyphal growth in G. persicaria and M. indicus.  
 
MATERIALS AND METHODS 
Organisms: 
  Mucor indicus (Calmette) Wehmer, strain number 4855 and Gilbertella 
persicaria (Eddy) Hasseltine, strain number 24413 were obtained from the American 
Type Culture Collection (ATCC, 10801 University Boulevard, Manassas, VA) and were 
grown on potato dextrose agar (PDA).  Mortierella verticillata Linnem, also grown on 
PDA, and Coemansia reversa Tiegh. & G. Le Monn, grown on Malt Extract Yeast 
Extract agar (MEYE) were obtained through the Assembling the Fungal Tree of Life 
project (AFToL) project and originated from the Agricultural Research Collection (ARS, 
1400 Independence Ave., S.W., Washington D.C.) culture collection.  Mortierella 
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verticillata is ARS strain number 6337 and C. reversa is ARS strain number 1564. 
 
Culture preparation for LM 
Cultures were maintained on either PDA or MEYE as appropriate.  For imaging, 
culture slides were prepared by applying either a thin layer of potato dextrose broth and 
15% gelatin or MEYE broth and 15% gelatin as appropriate over one surface of sterilized 
microscope slides.  Small agar blocks containing actively growing hyphae were 
inoculated onto the surface of the coated slide.  Culture slides were placed in moist 
chambers and the hyphae were grown overnight.  Hyphal tips were imaged using an 
Axioskop light microscope (Carl Zeiss Inc., Thornwood, NJ) equipped with differential 
interference contrast (DIC) and phase contrast (PC) optics using Plan-Neofluar 100x/1.3 
NA (oil immersion) objective.  The microscope was coupled to a Roper Cool SNAP ES 
digital camera (Roper Scientific, Inc., Tucson, AZ) and processed using Meta-Morph 
6.0/6.1 software (Universal Imaging Corporation, Downingtown, PA).  Data were 
analyzed using ImageJ (NIH, Bethesda, MD) and Adobe Photoshop 7.0 (Adobe Systems 
Inc., San Jose, CA). 
 
Preparation of Cultures for TEM 
Agar blocks were cut from the leading edge of actively growing cultures and 
placed on PDA or MEYE plates overlaid with dialysis membrane, which allowed the 
hyphae to grow out as a monolayer.  After approximately 6 hours, hyphal tips and 
membranes were trimmed into 5 x 7 mm pieces for plunge-freezing in liquid nitrogen-
cooled condensed propane.  Before freezing, cells were allowed to recover from the 
trimming process for 30 to 60 minutes.  After plunge-freezing, samples were transferred 
to a pre-cooled freeze-substitution fluid (-85oC) of 1% glutaraldehyde and 1% tannic acid 
in acetone.  After being held for 48-72 hours at –85oC, cells were washed three times in 
cold acetone (–85oC) and transferred to a solution of cold 1% OsO4 in acetone for one 
hour. The samples were then slowly warmed to room temperature (RT) according to the 
following regimen: 2 hours at -15oC, 2 hours at 4oC, and then to RT.  Cells were left at 
RT for 30 to 45 minutes before being washed three times with acetone and infiltrated in 
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25% increments with Spurr’s resin (Spurr, 1969) before flat-embedding between Teflon 
coated glass slides and a strip of Teflon and polymerized at 63oC for 24 hours.  Selected 
cells were sectioned on a Leica Ultracut R ultramicrotome (Leica Microsystems Inc., 
Bannockburn, IL), collected on copper grids, and post-stained for 10 minutes in 2% 
uranyl acetate in 50% ethanol and for 5 minutes in lead citrate.  Sections were then 
examined on a JEOL 1200EX (JEOL Ltd., Tokyo, Japan) transmission electron 
microscope equipped with a SIA L3C CCD camera (SIA Inc., Duluth, GA).  Micrographs 
were analyzed using Adobe PhotoShop 7.0 (Adobe Systems Inc., San Jose, CA) and 
Image J (NIH, Bethesda, MD). 
 
RESULTS 
Ultrastructure and Cytoplasmic Organization in Coemansia reversa 
 The hyphae of C. reversa (Kickxellales) were relatively small, measuring 2.0 µm 
in diameter (n=6).  When examined with DIC and PC light microscopy, an accumulation 
of secretory vesicles within the apical dome of growing hyphae could not be detected 
(Fig. 2a, b).  Septations contained a lens-shaped septal plug (Fig. 2c).  With TEM 
secretory vesicles were observed in the hyphal apex of C. reversa.  In most hyphae 
viewed at the median section (n=8), the vesicles were organized into a thin, crescent-
shaped layer (i.e., the apical vesicle crescent (AVC)) subtending the plasma membrane 
(Fig. 3a).  Vesicles, mitochondria, microtubules and membrane cisternae were present in 
the hyphal tip and subapical regions (Fig. 3a-c).  Further examination of the AVC 
revealed a single population of vesicles, delimited by a well-defined single unit 
membrane. These vesicles measured 80 nm in diameter (n=81; SD 9.8; Table 1).  While 
the vesicles varied in electron opacity, the contents of each vesicle contained a uniformed 
granular appearance.  Filasomes (Hoch and Howard, 1980) were common within the 
cortex of the apical cytoplasm, but were not present at the very apex (Fig. 3b, c).   
Bundles of filaments (13 nm in diameter) were documented in the central region of the 
hypha (Fig. 3d).  Septa were common and included a lens-shaped septal plug (Fig. 3e, f). 
The septal plug was approximately 0.5 µm in diameter and contained a fine granular 
content.  
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Ultrastructure and Cytoplasmic Organization in Mortierella verticillata 
 Mortierella verticillata (Mortierellales) had the smallest hyphal diameter of the 
four zygomycetous fungi surveyed, measuring approximately 1.5 µm (n=6) in diameter.  
An AVC was not readily discernible using DIC optics but a thin, phase-dark crescent was 
noted in many hyphal tips using phase contrast optics (Fig. 4a, b).  Mitochondria 
positioned primarily in the center of the hyphal cylinder and spherical inclusions (~400 
nm diam) were commonly observed (Fig. 4a, b).  TEM examination confirmed the 
presence of the AVC subtending the apical plasma membrane (Fig. 5a-e).  Vesicles 
comprising the AVC were divided into two populations based on diameter and content.  
One group had an average diameter of 70 nm (n=49; SD 8) with a less dense core, while 
vesicles of the second population were on average 110 nm (n=88; SD 15) nm in diameter 
and contained a more dense core (Fig. 5f) (Table 1).  Within the subapical cortical region 
a fibrous network appeared associated with the cytosolic surface of the plasma membrane 
(Fig. 5g, f). 
 
Ultrastructure and Cytoplasmic Organization of Mucor indicus and Gilbertella 
persicaria 
The AVC could readily be identified in both M. indicus and G. persicaria 
(Mucorales) using LM.  Light microscopy studies, particularly those using PC optics, 
revealed a broad, dark band subtending the hyphal apex in both species (Figs. 6, 7).  
Mitochondria could readily be identified in the subapical region and throughout the 
remaining length of the hypha (Fig. 6).  Comparisons of the AVC, using PC optics, 
between M. indicus (Fig. 6) and G. persicaria (Fig. 7) indicated that the AVC appeared to 
subtend a larger percentage of the hyphal apex’s perimeter in G. persicaria, compared 
with M. indicus. 
 Observations of growing G. persicaria hyphae using PC optics revealed that the 
AVC frequently shifted in position as the hypha elongated and changed direction of 
growth.  This change in position was extremely dynamic and the thickness of the AVC 
changed as the hypha elongated, particularly with the shift in direction, as one portion of 
the AVC appeared to contain a higher concentration of vesicles (Fig. 7). 
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Examination of the vesicle crescent using TEM supported what was observed 
with LM; the AVC was a large aggregation of vesicles clustered just under the apical 
plasma membrane (Fig. 8).  Both members of the Mucorales contained two populations 
of vesicles in the crescent – in M. indicus, the macrovesicles vesicles averaged 132 nm 
(n=42; SD 22.2) with a dense core, and a distinct delimiting membrane.  The population 
of smaller vesicles averaged 65nm (n=48; SD 12) (Fig. 8a, b, d).  For G. persicaria, the 
larger vesicles averaged 182 nm in diameter (n=58; SD 48), while the smaller vesicles 
averaged 78 nm (n=51, SD 11.1) (Fig. 8c).  In both M. indicus and G. persicaria, the 
hyphal apex primarily contained vesicles.  Mitochondria and Golgi equivalents were 
common in subapical hyphal regions (Fig. 8e).  Microtubules were noted in the subapical 
region and were observed in close proximity to and associated with vesicles (Figs. 8f, g).  
Filasomes were noted along the hyphal periphery in M. indicus (Fig. 8h), but were not 
detected in G. persicaria.   
 
DISCUSSION 
All four zygomycetous fungi examined in this study possessed an AVC, although 
it varied in prominence at the LM and detectable vesicle composition and population 
when examined at the EM level.  The presence of an AVC in these four fungi, and in 
other zygomycetous fungi such as Gigaspora sp. and Phycomyces blakesleeanus suggests 
that the AVC may be a unique and defining feature of the zygomycetous fungi.  The 
phylogenetic importance of vesicle sizes is not yet understood.  Previous studies of 
conventionally fixed fungi such as Penicillium chrysogenum, Neurospora crassa, 
Aspergillus nidulans and Ascodesmis sphaerospora measured microvesicles in a 30-100 
nm range and macrovesicles in a below 100 nm to 300 nm range (Grove and Bracker, 
1970; Gooday and Trinci, 1980).  In examinations of Fusarium acuminatum (Howard and 
Aist, 1979), Laetisaria arvalis (Hoch and Howard, 1980), Sclerotium (Athelia) rolfsii 
(Roberson and Fuller, 1988) and Aspergillus nidulans (Hohmann-Marriott et al., 2006) 
using cryo-preparation protocols, however, microvesicles averaged 25-45 nm and 
macrovesicles averaged 70-90 nm.  Only the single population of vesicles observed in C. 
reversa and the smaller of the two populations of vesicles documented in M. verticillata 
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appeared within the established size range for macrovesicles.  Two populations of 
vesicles were documented in both M. indicus and G. persicaria, the smaller of which 
were within the measurements for macrovesicles, but the population of larger vesicles 
was approximately double this range. The larger population of vesicles observed in M. 
verticillata, although smaller than those observed in the Mucorales, was still slightly 
larger than the 70-90 nm range for macrovesicles in the Dikarya.  Larger vesicles have 
been documented in several other zygomycetous species.  Recent studies of Basidiobolus 
sp., (Roberson et al., 2011) and two species of Gigaspora (Bentivenga et al., 2013), plus 
examination of P. blakesleeanus (Fisher and Roberson, unpubl.) have documented the 
presence of apical vesicles in a 90-250 nm range.  The two populations in Basidiobolus 
sp. averaged approximately 100nm and 200-220 nm, while those measured in P. 
blakesleeanus were approximately 160 nm.  It may be of phylogenetic significance to 
note that vesicles of this size range have not been documented in other fungi outside of 
those assigned to the zygomycetous fungi.   
Filasomes, actin-coated microvesicles, with a diameter of 30-40 nm were 
observed in M. indicus and C. reversa.  These filasomes were observed in close 
proximity to the plasma membrane in the region just below the hyphal apex.  
Mitochondria could readily be identified in all four fungi surveyed, generally situated 
length-wise in the cytoplasm, and occasionally extending into the apical region, but never 
at the hyphal apex.  Microtubules were observed extending into the apical region of the 
fungi and appeared to be near, or in close proximity to the vesicles populating the hyphal 
apex.  Golgi bodies were noted in the cytoplasm of C. reversa and M. indicus.   
It may be of phylogenetic significance that the AVC of C. reversa, a member of 
the EKZ clade, was comprised of only a single population of vesicles while M. 
verticillata, M. indicus, and G. persicaria, in addition to Gigaspora sp. and P. 
blakesleeanus, all members of the MMG clade, possessed an AVC consisting of two 
populations of vesicles.  Both populations of vesicles observed in M. indicus and G. 
persicaria appeared to contain dense cores, while the core of the smaller in M. verticillata 
were comprised of an electron translucent core, while the larger vesicles contained an 
electron dense core.  In addition, differences in vesicle diameter, particularly for the 
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larger vesicles were noted in M. indicus and G. persicaria, as well as P. blakesleeanus, 
all members of the Mucorales.  Observations of additional zygomycetous fungal species 
to determine if the AVC is a defining feature of this group of fungi, as well as 
examination of the composition of an observed AVC, to determine if this feature could 
prove phylogenetically informative. 
Previous studies using both LM and TEM of G. persicaria (Grove and Bracker, 
1970; Bracker 1971; Grove and Swiegard 1980) and autoradiographic studies of Mucor 
rouxii (Bartnicki-Garcia and Lippmann, 1969) have demonstrated that the vast majority 
of cell wall synthesis occurs at the hyphal apex and an accumulation of vesicles, arising 
from the subapical region, occurs at the hyphal apex.  When growth ceases, the band of 
vesicles disappears.  Observations of the AVC in M. indicus and G. persicaria revealed 
that, it is dynamic while the hypha grows, shifting along the hyphal apex and changing 
slightly in appearance as vesicles reach the apex.  The AVC shifts in position 
corresponding with the hypha’s change in direction, indicating it is involved in the hyphal 
growth process.  As the hypha changes its direction of growth, there is a noticeable 
increase in the thickness of the AVC, in the direction of this growth. 
The Spitzenkörper (Spk) which has been primarily identified in the Dikarya, has 
generally been described as a discrete organization of vesicles in the hyphal apex, lacking 
distinct boundaries, which exhibits polarity in form and organization (Girbardt, 1957, 
1969; McClure et al., 1968; Grove and Bracker, 1970; Grove, 1978; Lopez-Franco and 
Bracker, 1996).  Grove and Bracker’s (1970) examination of G. persicaria led them to 
conclude that the observed AVC did not function as a Spk.  Current observations of the 
AVC during hyphal growth have been unable to determine if the movement of the AVC 
determines the direction of hyphal growth – we have observed that the hypha changes 
direction and the AVC appears to shift position simultaneously. 
It has been suggested that the Spk serves as an organizing center for polarized cell 
growth, and would confer an advantage for rapid hyphal elongation.  Members of the 
Mucorales, however, appear to exhibit fast growth without a Spk.  Comparisons of 
hyphal elongation rates using Neurospora crassa (Ascomycota) and G. persicaria 
demonstrated that neither fungus elongated at a steady rate; rather the rate fluctuated at 
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regular intervals (López-Franco et al., 1994).  The overall average elongation rate for G. 
persicaria was 0.25µm/s with 8-13 second growth pulses compared with 0.2 µm/s and 3-
6 second growth pulses in N. crassa, suggesting a Spk is not necessary for rapid growth.  
In slower growing fungi, such as C. reversa or M. verticillata, a Spk may not be 
necessary.  Observations of the hyphal tip organization in slower growing filamentous 
basidiomycetes or ascomycetes are still needed to support this theory and to determine if 
the Spk is universal to these phyla. 
 The underlying critical factor in polarized hyphal growth is an intact cytoskeleton 
to deliver vesicles to the hyphal apex.  A very limited number of studies have examined 
the role of the cytoskeleton in zygomycete growth.  Grove and Sweigard (1980) 
determined that cytochalasin A, which blocks actin filament polymerization and 
elongation, inhibited germ tube formation in G. persicaria added to growth media and if 
added after germ tube formation, prevented hyphal tip growth and only swollen germ 
tubes were produced.  At the ultrastructural level, chemically fixed, cytochalasin A 
treated germlings displayed irregular deposits of wall material and distorted endoplasmic 
reticulum cisternae.  Similarly, treatments of M. rouxii germlings and hyphae with 
rhodamine-conjugated phalloidin and anti-α tubulin antibodies have provided some 
insight into the organization of the cytoskeleton in Mucor (Sabanero and Zazueta, 1989; 
Hasek and Bartnicki-Garcia, 1994).  While these studies provide initial insight, additional 
study is required to further examine precisely how disruption of the cytoskeleton impacts 
hyphal growth and the vesicle crescent.   
  Here we have presented detailed ultrastructural studies of four zygomycetous 
fungi: C. reversa, M. verticillata, G. persicaria, and M. indicus using cryofixation freeze-
substitution which has allowed improved resolution of cytoplasmic organization and 
composition of the vesicle crescent in these fungi.  Examination of the vesicle crescent 
has revealed single populations of vesicles in C. reversa, and two populations in M. 
verticillata ,M. indicus and G. persicaria, supporting previous observations and providing 
a possible additional character for phylogenetic studies, although a larger survey of 
zygomycetous fungi is needed.  We have been unable to observe the vesicle crescent 
moving independently ahead of the hyphae in M. indicus and G. persicaria, suggesting it 
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does not function as a Spk, however the shifts in vesicle crescent position as the hypha 
elongates indicates the crescent is closely involved in hyphal growth.  Future studies 
should examine the role of the cytoskeleton on mature hyphal growth and the impact of 
disrupting the actin and microtubule cytoskeletons on vesicle organization, particularly at 
the hyphal tip. 
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Table 1 
 
Vesicle Diameters in Four Species of Zygomycetous Fungi 
________________________________________________________________________ 
Species   Smaller    Larger 
   Diameter SD N  Diameter SD N 
C. reversa  80 nm  9.8 81 
M. verticillata  70 nm  .8 49 110 nm  15 88 
M. indicus  65 nm  12 48 132 nm  22.2 42 
G. persicaria  78 nm  11.1 51 182 nm  48 58 
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Figure 1: The Fungal Tree of Life.  
Earliest diverging lineages, Blastocladiomycota and Chytridiomycota, comprise 
zoosporic taxa.  Zygomycetes include the EKZ and MMG clades.  Ascomycota and 
Basidiomycota comprise Dikarya, the most derived clade of Fungi.  Numbers in 
parentheses are approximate number of genomes sequenced for Dikarya.  Olpidium 
zoosporangium with arrows showing equivocal placement in rDNA phylogenetic 
analyses.  No genomes have been sequenced for Zoopagomycotina; its placement is 
inferred from multilocus phylogenies.  Adapted from James et al., 2006 and Sekimoto et 
al., 2011. 
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Figure 2: Light microscopy of growing Coemansia reversa hyphae.  (a, b) An 
accumulation of secretory vesicles was not detected within the hyphae apex when viewed 
with DIC (a) or PC (b) optics. Small spherical particles (black arrows) and mitochondria 
(black arrowheads) are pointed out. (c) Septation showing lens-shaped septal plug 
(arrow). Vacuoles (asterisks) are noted.  Nuclei are pointed out with white arrows. Scale 
bar = 1.0 µm. 
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Figure 3. Transmission electron microscopy of Coemansia reversa hyphae. (a) Vesicles 
aggregating along the plasma membrane (black arrows). Organelles such as mitochondria 
(asterisks) and Golgi (white arrowhead) were observed in the subapical region. Scale bar 
= 0.5 µm. (b, c) Microtubules (white arrows), Vesicles (black arrows) and filasomes 
(black arrowheads were all noted in the apical region. (b) Scale bar = 0.25 µm. (c) Scale 
bar = 0.15 µm (insert) Scale bar = 0.1 µm; (d) Filaments were observed in the subapical 
region. Scale bar = 0.25 µm (e, f) Septa were noted along the length of the hypha, 
containing a lens–shaped septal plug (asterisk). (e) Scale bar – 0.4 µm; (f) Scale bar = 
0.15 µm 
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Figure 4: Light microscopy of Mortierella verticillata hyphae. (a) Differential 
interference microscopy of hypha shows no evidence of an AVC. Spherical inclusion 
(black arrow) is pointed out.  (b) Phase contrast microscopy illustrating phase-dark AVC 
(arrowhead) and mitochondria (black arrowhead). Scale bar = 1.0 µm.  
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Figure 5: Transmission electron microscopy of Mortierella verticillata hyphae. (a) The 
accumulation of secretory vesicles (arrows) at the hyphal apex is more or less organized 
into a crescent subtending the plasma membrane. Mitochondria are noted (asterisk).  
Scale bar = 0.5 µm. (b-e) Serial sections continuing from section in (a) illustrating the 
accumulation of vesicles in the apical dome. Mitochondria are noted (asterisk). Scale bar 
= 1.25 µm. (f) Two populations of vesicles, one smaller with an electron translucent core 
(white arrow), the other larger with an electron-dense core (black arrow). Scale bar = 
0.25 µm. (g) Subapical cortical region showing a fibrous network (arrowheads) 
associated with cytosolic surface of plasma membrane. Scale bar = 125 nm.  
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Figure 6: Growing Mucor indicus hypha imaged using DIC and phase contrast optics.  
Arrow indicates readily identifiable vesicle crescent.  Arrowheads note mitochondria. 
Scale bar = 2µm.
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Figure 7: Light microscopy of Gilbertella persicaria growing hypha. The apical vesicle 
crescent (white arrow) exhibits dynamic behavior at the hyphal apex frequently shifting 
position. Time (upper right corners) = seconds. Scale bar = 3.0 µm 
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Figure 8: Transmission electron microscopy of Mucor indicus (a, b, d, e, g, h) and 
Gilbertella persicaria (c, f) hyphae. (a) An aggregation of vesicles is present at the 
hyphal tip (black arrows). Apical vesicle cluster (arrow), mitochondria (white asterisk), 
and vacuole (black asterisk)) are noted. Scale bar = 2.0 µm.  (b) Higher magnification of 
near median hyphal apex showing shape variation of vesicle crescent. Scale bars = 0.75 
µm. (c) Apical vesicle cluster. Scale bar =1.0 µm. (d) Larger vesicles with dense core and 
distinct delimiting membrane (arrow) and smaller vesicles (arrowhead) are noted. Scale 
bar = 200 nm. (e) Subapical cytoplasm with Golgi body (G) and mitochondria (M) are 
noted. Scale bar = 300 nm. (f) Subapical cytoplasm subtending plasma membrane 
showing smaller vesicles associated with microtubule (arrow). Scale bar = 250 nm (g, h) 
Additional subapical cytoplasmic features pointing out microtubules (arrowheads), 
macrovesicles (white arrows), and filasomes (black arrow) are noted. Scale bars = 250 
nm. 
  
   95
  
   96
REFERENCES 
Bartnicki-Garcia, S., & Lippman, E. (1969). Fungal morphogenesis: cell wall  
 construction in Mucor rouxii. Science, 165(3890), 302-304. 
 
Benny, G. L., & Aldrich, H. C. (1975). Ultrastructural observations on septal and  
 merosporangial ontogeny in Linderina pennispora (Kickxellales; Zygomycetes).  
 Canadian Journal of Botany, 53(20), 2325-2335. 
 
Benny, G. L. (2012). Current systematics of Zygomycota with a brief review of their  
 biology. Systematics and Evolution of Fungi, 2, 55. 
 
Benny, G. L., R. A. Humber, and K. Voigt. (2014). Zygomycetous fungi: Phylum 
Entomophthoromycota and subphyla Kickxellomycotina, Mortierellomycotina, 
Mucoromycotina, and Zoopagomycotina. In D. J. McLaughlin and J. W. 
Spatafora [eds.], Mycota VII, Part A, Systematics and evolution, 209-250. 
Springer-Verlag, Heidelberg, New York, Dordrecht, London. 
 
Bentivenga, S. P., Kumar, T. A., Kumar, L., Roberson, R. W., & McLaughlin, D. J.  
 (2013). Cellular organization in germ tube tips of Gigaspora and its phylogenetic  
 implications. Mycologia, 105(5), 1087-1099. 
 
Bidartondo, M. I., Read, D. J., Trappe, J. M., Merckx, V., Ligrone, R., & Duckett, J. G.  
 (2011). The dawn of symbiosis between plants and fungi. Biology letters, 7(4),  
 574-577. 
 
Bourett, T. M., & Howard, R. J. (1991). Ultrastructural immunolocalization of actin in a  
 fungus. Protoplasma, 163(2-3), 199-202. 
 
Bowen, A. R., Chen-Wu, J. L., Momanay, M., Young, R., Szaniszlo, P. J.,  
& Robbins, P. W. (1992).  Classification of fungal chitin synthases.   
Proceedings of the National Academy of Sciences, USA, 89(2), 519-523. 
 
Bowman, B. J., Draskovic, M., Freitag, M., & Bowman, E. J. (2009). Structure and  
 distribution of organelles and cellular location of calcium transporters in  
 Neurospora crassa. Eukaryotic Cell, 8(12), 1845-1855. 
 
Bracker, C. E. (1971). Cytoplasmic vesicles in germinating spores of Gilbertella  
 persicaria. Protoplasma, 72(4), 381-397. 
 
Doggett, J.S. & Wong, B. (2014). Mucormycosis. In Loriaux L (ed.), Endocrine  
 Emergences: Recognition and Treatment, vol 74. Humana Press. 
 
Ebersberger, I., de Matos Simoes, R., Kupczok, A., Gube, M., Kothe, E., Voigt, K., &  
 von Haeseler, A. (2012). A consistent phylogenetic backbone for the fungi.  
 Molecular Biology and Evolution, 29(5), 1319-1334. 
   97
Girbardt, M. (1969). Die Ultrastruktur der Apikalregion von Pilzhyphen. Protoplasma  
 67(4), 413-441. 
 
Gooday, G. W., & Trinci, A. J. (1980). Wall structure and biosynthesis in fungi. The 
Eukaryotic Microbial Cell, 30, 207-251. 
 
Grove, S., & Bracker, C. (1970). Protoplasmic organization of hyphal tips among fungi:  
vesicles and Spitzenkörper. Journal of Bacteriology, 104(2), 989-1009. 
 
Grove, S. N., Bracker, C. E., & Morre, D. J. (1970). An ultrastructural basis for hyphal  
 tip growth in Pythium ultimum. American Journal of Botany, 245-266. 
 
 Halary, S., Malik, S. B., Lildhar, L., Slamovits, C. H., Hijri, M., & Corradi, N. (2011).  
 Conserved meiotic machinery in Glomus spp., a putatively ancient asexual fungal  
 lineage. Genome biology and evolution, 3, 950-958. 
 
Hasek, J., & Bartnicki-Garcia, S. (1994). The arrangement of F-actin and microtubules  
 during germination of Mucor rouxii sporangiospores. Archives of microbiology,  
 161(5), 363-369. 
 
Hibbett, D. S., Binder, M., Bischoff, J. F., Blackwell, M., Cannon, P. F., Eriksson, O. E.,  
 ... & Reeb, V. (2007). A higher-level phylogenetic classification of the Fungi.  
 Mycological research, 111(5), 509-547. 
 
Hoch, H. C., & Howard, R. J. (1980). Ultrastructure of freeze-substituted hyphae of the  
 Basidiomycete Laetisaria arvalis. Protoplasma, 103(3), 281-297. 
 
Hoffmann, K., Voigt, K., & Kirk, P. M. (2011). Mortierellomycotina subphyl. nov.,  
 based on multi-gene genealogies. Mycotaxon, 115(1), 353-363. 
 
Hoffmann, K., Pawłowska, J., Walther, G., Wrzosek, M., de Hoog, G. S., Benny, G. L.,  
 ... & Voigt, K. (2013). The family structure of the Mucorales: a synoptic revision  
 based on comprehensive multigene-genealogies. Persoonia: Molecular Phylogeny 
  and Evolution of Fungi, 30, 57. 
 
Hohmann-Marriott M. F., Van De Meene A., Garret, M., Hjelm, B., Kokoori, S., &  
 Roberson, R. W. (2006). Application of electron tomography to fungal  
 ultrastructural studies. New Phytologist, 172(2), 208-220 
 
Howard, R., & Aist, J. (1979). Hyphal Tip Ultrastructure of the Fungus Fusarium:  
 Improved Preservation by Freeze-Substitution. Journal of Ultrastructural  
 Research, 66(3), 224-234. 
 
Howard, R. (1981). Ultrastructural Analysis of Hyphal Tip Cell Growth in Fungi:  
Spitzenkörper, Cytoskeleton and Endomembranes.  Journal of Cell Science  
48(1):89-103. 
   98
James, T. Y., Kauff, F., Schoch, C. L., Matheny, P. B., Hofstetter, V., Cox, C. J., ... &  
 Spotts, R. A. (2006). Reconstructing the early evolution of Fungi using a six-gene  
 phylogeny. Nature, 443(7113), 818-822. 
 
Lin, K., Limpens, E., Zhang, Z., Ivanov, S., Saunders, D. G., Mu, D., ... & Huang, S.  
 (2014). Single nucleus genome sequencing reveals high similarity among nuclei  
 of an endomycorrhizal fungus. PLoS Genetics, 10(1), e1004078. 
 
Liu, Y., Steenkamp, E. T., Brinkmann, H., Forget, L., Philippe, H., & Lang, B. F. (2009).  
 Phylogenomic analyses predict sistergroup relationship of nucleariids and fungi  
 and paraphyly of zygomycetes with significant support. BMC Evolutionary  
 Biology, 9(1), 272. 
 
López-Franco, R., Bartnicki-Garcia, S., & Bracker, C. E. (1994). Pulsed growth of fungal  
 hyphal tips. Proceedings of the National Academy of Sciences, USA, 91(25),  
 12228-12232. 
 
López-Franco, R., & Bracker, C.  (1996).  Diversity and dynamics of the  
Spitzenkörper in growing hyphal tips.  Protoplasma, 188(1-2), 85-103. 
 
McClure, W. K., Park, D., & Robinson, P. M. (1968). Apical organization in the somatic  
 hyphae of fungi. Journal of General Microbiology, 50(2), 177-182. 
 
Moss, S. T., & Young, T. W. (1978). Phyletic considerations of the Harpellales and  
 Asellariales (Trichomycetes, Zygomycotina) and the Kickxellales (Zygomycetes,  
 Zygomycotina). Mycologia, 944-963. 
 
Redecker, D., & Schüßler, A. (2014). 9 Glomeromycota. In Systematics and Evolution  
 (pp. 251-269). Springer Berlin Heidelberg. 
 
Roberson, R., Abril, M., Blackwell, M., Letcher, P., McLaughlin, D., Mourino-Perez, R.,  
 Riquelme, M., & Uchida, M. (2010) The Hyphal Tip In: Cellular and Molecular  
 Biology of Filamentous Fungi. (pp 8-24).  Washington D.C ASM Press:  
 Washington D.C.  
  
Roberson, R. W., Saucedo, B., MacLean, D., Propster, J., Unger, B., Oneil, T. A.,  
Parvanehgohar, K., Cavanaugh, C., & Lowry, D. (2011). The hyphal tip structure  
of Basidiobolus sp.: a zygomycete fungus of uncertain phylogeny.  Fungal  
Biology 115(6), 485-492. 
 
Sabanero, M., & Zazueta, R. (1989). Actin in Mucor rouxii. FEMS Microbiology Letters, 
 60(2), 227-231  
 
 
 
   99
Sekimoto, S., Rochon, D. A., Long, J. E., Dee, J. M., & Berbee, M. L. (2011). A  
 multigene phylogeny of Olpidium and its implications for early fungal evolution.  
 BMC evolutionary biology, 11(1), 331. 
 
Spurr, A. R. (1969). A low-viscosity epoxy resin embedding medium for electron  
 microscopy. Journal of ultrastructure research, 26(1), 31-43. 
 
Steinberg, G. (2007). Hyphal Growth: a Tale of Motors, Lipids, and the Spitzenkörper.  
 Eukaryotic Cell.  6(3), 351-360. 
 
Vargas, M., Aronson, J. & Roberson, R. W. (1993). The cytoplasmic organization of  
 hyphal tip cells in the fungus Allomyces macrogynus, Protoplasma 176(1-2), 43- 
 52. 
 
Varig, A & Harris, S. (2006). The Spitzenkörper: a molecular perspective. Mycological  
 Research, 110(1), 4-13. 
 
Voigt, K., Hoffmann, K., Einax, E., Eckart, M., Papp, T., Vágvölgyi, L., & Olsson, L.  
 (2009). Revision of the family structure of the Mucorales (Mucoromycotina,  
 Zygomycetes) based on multigenegenealogies: phylogenetic analyses suggest a  
 bigeneric Phycomycetaceae with Spinellus as sister group to Phycomyces.  
 Current advances in molecular mycology. Nova Science, New York, 263-312. 
 
White, M. M., James, T. Y., O’Donnell, K., Cafaro, M. J., Tanabe, Y., & Sugiyama, J.  
 (2006). Phylogeny of the Zygomycota based on nuclear ribosomal sequence data.  
 Mycologia, 98(6), 872-884. 
  
   100
CHAPTER 4 
A Review of Hyphal Tip Ultrastructure 
INTRODUCTION 
 Hyphal elongation, the primary means of cell growth among the fungi, is a 
complex process requiring polarized vesicle transport and exocytosis, organelle 
positioning, and localized wall synthesis.  Autoradiographic studies have demonstrated 
that the vast majority of hyphal growth occurs at the hyphal apex (Bartnicki-Garcia and 
Lippman, 1969; Gooday, 1971).  This concentrated, dynamic amount of activity in a 
relatively small region has prompted ongoing investigations into the cellular organization 
of the hyphal tip.   
 In 1957, Girbardt described cytoplasmic organization and behavior in living 
hyphae of Trametes versicolor (Basidiomycota) using phase-contrast light microscopy 
(LM) (Girbardt, 1957).  Beginning in the 1960s, the use of electron microscopy (EM) 
techniques permitted further exploration of cytoplasmic organization and the mechanisms 
of hyphal growth with attempts to correlate LM observations (Marchant et al., 1967; 
McClure et al., 1968; Grove and Bracker, 1970).  These observations of actively growing 
hyphae and hyphae fixed and sectioned for EM led to the conclusion that all growing 
hyphae possessed distinct populations of vesicles at the apex – and that these vesicles 
were involved in apical growth (Gooday, 1983).  Development of cryofixation techniques 
for EM sample preparation provided further detailed observations of these vesicle 
populations, including size and vesicle content, in addition to overall vesicle organization 
(Hoch and Howard, 1980; Howard and Aist, 1979; Howard, 1981; Roberson and Fuller, 
1988). 
 Several types of vesicle organization have been documented at the hyphal tip, 
including the concentration of vesicles with no definable pattern in the Oomycota, the 
crescent shaped aggregation in members of the Zygomycota, and in the Ascomycota and 
Basidiomycota, an “apical body” i.e. the Spitzenkörper (Spk) (Brunswik, 1924; Girbardt 
1957).  The Spk is documented as a discrete collection of vesicles, cytoskeletal elements, 
and signaling proteins found in the apex of growing hyphae, which appears as a dark 
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sphere using phase contrast optics (Girbardt 1957; Grove and Bracker, 1970; Howard and 
Aist, 1977; Howard 1981).   
 Currently few reviews of hyphal tip ultrastructure have been conducted – most 
have either involved a select group of fungi or well-known representatives of a particular 
group.  Of the various members of the fungal kingdom that have previously been 
documented, the majority of theses studies were performed with chemical fixation, and 
may have provided a less clear picture of vesicle organization in the hyphae.  We have 
reviewed the hyphal tip ultrastructure in the following fungi to examine the organization 
at the hyphal tip, to document the plasticity of cytoplasmic features and to determine if 
vesicle organization is a possible indicator of evolutionary relationships (Fig. 1).   
 
LIST OF FUNGI 
Fungus    Strain 
Chytridiomycota  
Gonapodya prolifera   JEL 478    
Monoblepharales macranda  JEL M53 A500   
 
Blastocladiomycota 
Catenaria anguillulae   ZFITR 1987     
Allomyces macrogynus  Burma 3-35 
 
Zygomycetous fungi 
Basidiobolus sp.   U.C. Berkeley    
Coemansia reversa   AFToL 1401    
Mortierella verticillata  ATCC #18158   
Mucor indicus    ATCC #4855    
Gilbertella persicaria   ATCC #24413   
 
Basidiomycota 
Schizophyllum commune  FGSC #9350    
Dacryopinax spathularia  DJM 731    
Athelia (Sclerotium) rolfsii  UGA #5082  
 
Ascomycota 
N. crassa    FGSC #988    
Aspergillus nidulans       
Botrytis cinerea   BMP 2260    
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OBSERVATIONS 
The Chytridiomycota 
 Monoblepharales macranda and Gonapodya prolifera represent two of the six 
genera within the Monoblepharidomycetes – one of the two orders within the 
Chytridiomycota (James et al., 2007).  Examination of the hyphae in both fungi revealed 
several populations of vesicles present, throughout the length of the hypha, including at 
the apex (Fig. 2a –b, d-e).  The extreme hyphal apex appeared to contain only vesicles in 
both fungi, but mitochondria could be observed subtending the hyphal apex (Fig. 2b, c).  
A small aggregation of vesicles was observed in the near median and median sections of 
M. macranda (Fig. 2a, b).  The larger vesicles averaged 76 nm (n=37; SD 9) and the 
smaller vesicles averaged 50 nm (n=20; SD 6).  Both populations of vesicles exhibited 
variations in electron opacity.  While vesicles were detected in the hyphal apex, no 
vesicle aggregation could be observed in G. prolifera, and vesicles appeared to be 
distributed throughout the hypha (Fig. 2d, e).  Many organelles, including mitochondria 
could be documented in the subapical regions of both fungi (Fig. 2c, f).  
 
The Blastocladiomycota 
 The members of the Blastocladiomycota, including the Blastocladiaceae and the 
Caternariaceae, were originally considered chytrids until molecular analysis 
demonstrated they were a separate lineage (James et al., 2006; Hibbett et al., 2007; Porter 
et al., 2011).  The Blastocladiomycota contains five families, including the 
Blastocladiaceae and the Caternariaceae, both of which appear to be paraphyletic or 
perhaps polyphyletic based upon analysis of 18S, 5.8S and 28S rDNA sequences from 
four families and 11 genera.   
 Rhizoids of Catenaria anguillulae, (Fig. 3a, c) a facultative parasite of 
nematodes, contained a single population of vesicles averaging 75nm (n=94; SD 10) of 
varying electron opacities.  No distinct organization of vesicles could be observed at the 
tip and vesicles appeared distributed throughout the rhizoid.  Microtubules (MTs) could 
be observed extending into the apex from subapical regions (Fig. 3c).   
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 Allomyces macrogynus is rare among the non-septate fungi in that it possesses a 
Spk.  The Spk observed in A. macrogynus could be observed at the hyphal apex as semi-
spherical granular matrix containing cytoskeletal elements and vesicles, with a large, 
phase light core (Fig. 3b, d).  Unlike the Spk observed in the Ascomycota and 
Basidiomycota, no macrovesicles could be detected in the Spk of A. macrogynus, and the 
phase dark region, seen with LM, is due to closely associated mitochondria.  A single 
population of vesicles, measuring 55 nm was detected in the Spk of A. macrogynus 
(Vargas et al., 1993; Roberson et al., 2010).   
 
The Zygomycetous fungi 
 To date, a Spk has only been documented in Basidiobolus sp., a fungus whose 
classification is currently uncertain (Hibbett et al., 2007), although molecular studies 
have suggested the genus is an early diverging lineage of the Entomophthoromycota 
(Gryganskyi et al., 2012).  The Spk observed in Basidiobolus sp. is a spheroid cluster of 
secretory vesicles measuring approximately 120 -130 nm.  A second population of 
vesicles, measuring 200-220 nm was noted in the apical and subapical regions (Figs. 4a, 
f).  In the other four zygomycetous fungi examined, vesicles appeared organized into a 
crescent along the hyphal apex.  Examination of the apical vesicle crescent (AVC) 
revealed some variation in its prominence as well as the size of the vesicle population and 
composition.  A single population of vesicles measuring 80 nm (n=81; SD 9.8) was 
observed in C. reversa.  These vesicles varied in electron opacity but appeared to contain 
a uniform granular consistency.  Vesicles, mitochondria, and MTs were present in the 
hyphal tip and subapical regions (Figs. 4b, g).   
 Two populations of vesicles were observed in M verticillata, - one group had an 
average diameter of 70 nm (n=49; SD 8) with a less dense core, while vesicles of the 
second population were on average 110 nm (n=88; SD 15) nm in diameter and contained 
a more dense core.  Mitochondria and MTs were observed in the subapical region (Figs. 
4c, h).  The AVCs of both G. persicaria and M. indicus was also comprised of two 
populations of vesicles – in G. persicaria, the larger vesicles averaged 182 nm in 
diameter (n=58; SD 48), while the smaller vesicles averaged 78 nm (n=51, SD 11.1) (Fig. 
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4d, i).  In M. indicus, the macrovesicles vesicles averaged 132 nm (n=42; SD 22.2) with a 
dense core, and a distinct delimiting membrane.  The population of smaller vesicles 
averaged 65nm (n=48; SD 12) (Fig. 4e, j).  Our observations of the AVC in G. persicaria 
support what was previously reported by Grove and Bracker (1970) of a crescent-shaped 
band lining the apical wall. 
 
The Basidiomycota 
 Previous LM observation of D. spathularia using PC optics had revealed a 
distinct Spk in growing hyphae.  At the ultrastructural level, however, the aggregation of 
vesicles appeared smaller and less defined than expected (Figs. 5a-d).  While the vesicles 
were clustered in a spherical region of the hyphal apex, the arrangement did not appear as 
dense as expected, and the few vesicles present was surprising, given previous TEM 
studies of basidiomycete Spk organization (Hoch and Howard, 1980; Roberson and 
Fuller; 1988).  Two populations of vesicles clustered in the hyphal apex could be 
identified.  The macrovesicles, which contained either an electron opaque core, or a more 
granular, less opaque core, averaged 70 nm (n=72; SD 8) and the microvesicles averaged 
30 nm (n=25; SD 5).  A microtubule could be observed extending into the hyphal apex 
(Fig 5a) but few organelles were visible, and the hyphal apex was limited to the 
population of vesicles. 
 Schizophyllum commune has routinely been examined both as a model organism 
for cell wall construction (Gooday, 1971; Wessels et al., 1983), cytoskeletal elements 
(Runeberg et al., 1986; Rupes et al., 1995) and for its enzyme production (Ohm et al., 
2010).  Ultrastructural examination of S. commune hyphal tips revealed two populations 
of vesicles in the hyphal tip (Figs. 5e-h).  The macrovesicles averaged 81 nm (n=54; SD 
10) and the smaller vesicles averaged 30 nm (n=47; SD 5).  Our measurements support 
what was previously observed by Rupes et al., (1995), who documented macrovesicles in 
a 70-90 nm range and microvesicles ranging from 20-40 nm.  The Spk appeared to be 
primarily macrovesicles surrounding a small core of microvesicles (Fig. 5e, g, h).  The 
arrangement of vesicles appeared similar to what was observed by Hoch and Howard 
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(1980) in Laetisaria arvalis with a cluster of vesicles localized within the first 1-2µm of 
the hyphal tip.  Mitochondria could be observed in the subapical regions (Fig. 5e). 
 
The Ascomycota 
 The hyphal tip of A. rolfsii has previously been examined by Roberson and Fuller 
(1988) (Figs. 5i-1).  In contrast to D. spathularia and S. commune, the vesicles observed 
at the hyphal apex were organized into a discrete spheroid arrangement, recognizable as a 
Spk.  Two populations of vesicles were present; the macrovesicles with varying electron 
opacity, averaged 67nm (n=86; SD 10) and the microvesicles averaged 35nm (n=49; SD 
5).  The macro- and microvesicles were arranged around a core region devoid of vesicles 
(Figs. 5j, k).  Mitochondria could be observed in the subapical regions (Fig. 5i) and 
microtubules were observed in the hyphal apex (Fig. 5l). 
 The hyphal tip ultrastructure in Neurospora crassa and Aspergillus nidulans 
(Harris et al., 2005) is well documented given the utility of these two fungi as model 
organisms for hyphal growth and polarity.  Botrytis cinerea (Bourett et al., 1998; 
Tenberge 2007) is a plant pathogen and has also been studied extensively.  The three 
ascomycetes surveyed here all possessed a distinct Spk composed of a core of 
microvesicles surrounded by macrovesicles (Fig. 6a-f).  The Spk documented in both N. 
crassa and B. cinerea could be viewed as a spheroid arrangement of macro- and 
microvesicles occupying approximately half the hyphal apex (Figs. 6a, b, d, e).  In 
median sections of N. crassa, the macrovesicles appeared to enclose the core of 
microvesicles in a ‘horseshoe’ arrangement (Fig. 6a, d).  Mitochondria and MTs could be 
identified in the subapical region of the hypha.  In B. cinerea, the microvesicle core was 
surrounded by macrovesicles (Figs. 6b, e).  Microtubules could be observed extending 
into the periphery of the Spk (Figs. 6b, e).   
 The Spk of A. nidulans consists of a small core of microvesicles surrounded by 
macrovesicles (Fig 6c, g).  In comparison to the macrovesicle arrangement in the Spk of 
N. crassa, the macrovesicles in A. nidulans appear to completely surround the 
microvesicle core.  In addition, the Spk of A. nidulans appears to completely encompass 
more than half the hyphal tip, rather than a spheroid portion of it compared with N. 
crassa (Figs. 6a, d) and B. cinerea (Figs. 6b, e).  Mitochondria could readily be observed 
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in the subapical regions and Woronin bodies appeared subtending the hyphal apex (Fig. 
6c, f). 
 
SUMMARY 
 We have reviewed the ultrastructure of the hyphal tips across the fungal phyla.  In 
the Chytridiomycota, several populations of vesicles were observed throughout the fungal 
hypha in M. macranda and G. prolifera.  A small aggregation of vesicles was detected in 
the hyphal tip of M. macranda, but there did not appear to be any underlying 
organization.  No aggregation was detected in G. prolifera.  In the Blastocladiomycota, 
no organized aggregation of vesicles was detected in C. anguillulae, but a distinct 
population of vesicles could be detected.  Allomyces macrogynus is currently the only 
member of the Blastocladiomycota with a documented Spk, suggesting A. macrogynus, 
represents a critical point in the evolution of zoosporic fungi.  Allomyces macrogynus is 
also the only fungus documented so far to contain mitochondria appearing to form part of 
the Spk – in other fungi with a Spk, mitochondria can only be observed subtending the 
hyphal apex.  The lack of observed vesicle organization in the Chytridiomycota and some 
the Blastocladiomycota may be due in part to their slow growth and simple body plan, 
but further investigation is needed of additional representative members.   
 Likewise, Basidiobolus sp., is the only zygomycetous fungus possessing a Spk, 
and the vesicle composing the Spk are larger than those documented in the Dikarya.  In 
the other four zygomycetous fungi, the vesicles at the hyphal tips were organized into an 
AVC.  Observations of Phycomyces blakesleeanus and Rhizopus oryzae (Fisher and 
Roberson, unpublished) in addition to two species of Gigaspora (Bentivenga et al., 
2013), strongly suggest the AVC may serve as a phylogenetic marker for the 
zygomycetous fungi.  Given that Basidiobolus sp. possesses a Spk in comparison to the 
AVC in the several members of the zygomycetous fungi suggests several things including 
that 1) the position of Basidiobolus sp. is still unresolved, 2) Basidiobolus sp. may be an 
early-diverging member of the zygomycetous fungi, and 3) Basidiobolus sp. represents 
an important point in fungal evolution.  A larger survey of additional representative 
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species from the zygomycetous fungi is needed to determine if the AVC is truly a 
phylogenetic marker, given the diversity of this group of fungi. 
 In the Basidiomycota and Ascomycota, a Spk could be observed.  In D. 
spathularia, few vesicles were observed, despite previous LM images of a Spk in 
growing hyphae.  The placement of D. spathularia within the Basidiomycota is still 
uncertain and phylogenetic analysis has suggested D. spathularia is a part of an early 
diverging group.  Additional investigation of other early diverging members may be 
useful for comparison purposes.  It is also a possibility that the Spk is disrupted in D. 
spathularia prior to the cryofixation process and the few vesicles observed in the hyphal 
tip do not represent the true vesicle organization.  The other members of the 
Basidiomycota reviewed here showed a diversity of Spk organization.  The Spk in S. 
commune was quite broad, encompassing the hyphal tip, while the Spk observed in A. 
rolfsii was comprised of a spheroid arrangement of macrovesicles and microvesicles 
surrounding a vesicle free core.  In the Ascomycota, the fungi examined exhibited some 
variation in Spk arrangement including the relative size ratio of the Spk to the hyphal tip, 
and the arrangement of macrovesicles surrounding the core of microvesicles.  Although 
there appeared to some consistency in the general appearance of the Spk in the 
Ascomycota surveyed, some variation was apparent.  Overall further review of hyphal tip 
ultrastructure is needed across the phyla, particularly in the Chytridiomycota, the 
Blastocladiomycota, the zygomycetous fungi and early diverging members of the 
Basidiomycota and Ascomycota to produce a true picture of hyphal tip organization in 
the context of fungal evolution and to determine if vesicle organization is a phylogenetic 
marker. 
 
  
   108
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 1: Proposed phylogeny of the fungi based upon vesicle organization at the hyphal 
tip.  Adapted from Grove and Bracker (1970) and López-Franco and Bracker (1996). 
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Figure 2: Hyphal tip organization in the Chytridiomycota using TEM.  (a, b) Hypha and 
hyphal tip of M. macranda.  Vesicles (arrowhead) can be observed in the hyphal tip and 
throughout the hypha, but no distinct pattern of organization is present.  Scale bar = 1µm.  
(c) Many organelles were visible in the subapical region including mitochondria (M) and 
stacks of Golgi cisternae (G).  Scale bar = 0.25 µm.  (d) Hypha of Gonapodya prolifera 
viewed with TEM.  Vesicles are present but there is no apparent organization.  A 
mitochondrion (M) is noted.  Scale bar = 1µm.  (e) Additional hypha showing diversity of 
vesicles throughout.  Scale bar = 1.25µm.  (f) Organelles in the subapical region 
including stacks of Golgi cisternae (G) and a nucleus (N).  Scale bar = 0.5µm.  Images in 
(d, e) courtesy of Jackie Dee. 
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Figure 3: Hyphal tip organization in the Blastocladiomycota using TEM.  (a) Rhizoids of 
C. anguillulae showing distribution of vesicles.  Microtubules can be observed extending 
into the tip (arrows).  Scale bar = 0.5µm.  (b) A. macrogynus hypha with nuclei (N), 
mitochondria (M) and the Spk (asterisk) noted.  Scale bar = 0.75 µm.  (c) Higher 
magnification of C. anguillulae hyphal tip.  Scale bar = 0.2µm.  (d) Magnified view of 
the Spk of A. macrogynus with vesicles (arrowheads) at the periphery.  Scale bar = 1µm.  
Images (b, d) from Vargas et al., 1993. 
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Figure 4: Hyphal tip organization in the zygomycetous fungi using TEM.  (a) Hypha of 
Basidiobolus showing Spk (asterisk).  Numerous mitochondria in the subapical region are 
noted.  Scale bar = 1.5 µm.  (b) Hypha of C. reversa with AVC (arrowhead) at hyphal tip.  
Mitochondria (M) are noted.  Scale bar = 0.5 µm.  (c) Hypha of M. verticillata with AVC 
(arrowhead) at tip.  Mitochondria and a MTs (arrow) are present in the subapical region.  
Scale bar = 0.3 µm.  (d) Hypha of G. persicaria with population of large vesicles, some 
accumulating at the hyphal tip.  Mitochondria (M) and a nucleus (N) are pointed out.  
Scale bar = 0.5 µm.  (e) Hypha of M. indicus with distinct AVC at hyphal tip 
(arrowhead).  A mitochondrion is indicated in the subapical region.  Scale bar = 2 µm.  
(f) Higher magnification of Spk organization in Basidiobolus.  Scale bar = 0.5 µm.  (g) 
Magnified view of AVC in C. reversa.  Microtubules are visible (arrow).  Scale bar = 0.5 
µm.  (h) Additional view of the AVC in in a near median section of M. verticillata.  Scale 
bar = 0.3 µm.  (i) Large vesicles accumulating near the hyphal apex in G. persicaria.  
Scale bar = 0.5µm.  (j) Additional view of AVC in M. indicus.  Scale bar = 1.5 µm.  
Images (a, f) from Roberson et al., 2011.   
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Figure 5: Hyphal tip organization in the Basidiomycota using TEM.  (a, b) Hypha of D. 
spathularia with small aggregation of vesicles at the hyphal tip.  A MT (arrow) and large 
vesicle at the tip (white arrowhead) are noted.  Scale bars 0.5 µm; 70 nm.  (c, d) 
Additional views of the hyphal tip.  Scale bars, 70nm.  (e) Hypha of S. commune with 
large aggregation of large (white arrowhead) and smaller (black arrowhead) vesicles at 
hyphal tip.  Mitochondria are visible in the subapical region (M).  Scale bar = 200 nm.  
(f-h) Additional examples of the Spk in S. commune.  Scale bars = 100 nm, 200 nm (g-h).  
(i) Hypha of A. rolfsii with Spk (asterisk) at the hyphal apex.  Many mitochondria (M) 
and endoplasmic reticulum (E) are visible in the subapical region.  (j) Higher 
magnification of the Spk with a large cluster of macrovesicles (white arrowheads) and 
microvesicles (black arrowheads) surrounding a vesicle-free region.  (k, l) Near median 
sections documenting vesicle populations (arrowheads) and MTs (black arrows) 
extending into the hyphal apex.  Images (i, j) from Roberson and Fuller, 1988. 
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Figure 6 Hyphal tip organization in the Ascomycota using TEM.  (a) Hypha of N. crassa 
with Spk (asterisk) at tip.  Mitochondria (M) are noted in the subapical region.  Scale bar 
= 2 µm.  (b) Hypha of B. cinerea with Spk (asterisk) at tip.  Numerous mitochondria (M) 
are noted subtending the Spk.  Scale bar = 0.5 µm.  (c) Hypha of A. nidulans with Spk 
(asterisk) at tip.  A mitochondrion is pointed out.  Scale bar = 0.5 µm.  (d) Higher 
magnification of N. crassa Spk.  Macrovesicles (white arrowheads) and microvesicles 
(black arrowheads) are noted.  Scale bar = 350 nm.  (e) Higher magnification of Spk in B. 
cinerea.  Macrovesicles (white arrowheads) and microvesicles (black arrowheads) are 
indicated.  Scale bar = 200 nm.  (f) Higher magnification of Spk in A. nidulans. 
Macrovesicles (white arrowheads) and microvesicles (black arrowheads) are noted.  
Scale bar = 200 nm.  Images: (e) Roberson et al., 2010 (f) Harris et al, 2005 
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